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ABSTRACT 
A Microfluidic Device for Continuous Capture and Concentration of Pathogens from 
Water. (May 2007) 
Ashwin Kumar Balasubramanian, B.Tech, Indian Institute of Technology; 
M.S., Texas A&M University 
Chair of Advisory Committee: Dr. Ali Beskok  
 
 
A microfluidic device, based on electrophoretic transport and electrostatic 
trapping of charged particles, has been developed for continuous capture and 
concentration of microorganisms from water. A generic design, utilizing mobility and 
zeta potential measurements of various microorganisms exposed to different 
environmental conditions and physiological states, was employed. Water and buffer 
samples at pH values ranging from 5.2–7.0 were seeded with bacteria (E. coli, 
Salmonella, and Pseudomonas) and viruses (MS-2 and Echovirus). Negative control and 
capture experiments were performed simultaneously using two identical devices. Both 
culture based methods and real-time PCR analysis were utilized to characterize the 
capture efficiency as a function of time, flowrate, and applied electric field. Based on 
differences between the capture and negative control data, capture efficiencies of 90% to 
99% are reported for E. coli, Salmonella, Pseudomonas, and MS-2, while the capture 
efficiency for Echovirus was around 75%. Overall, the device exhibits 16.67 fold sample 
volume reduction within an hour at 6 mL/hr. This results in a concentration factor of 15 
 iv
 
at 90% capture efficiency. Direct quantification of capture on the anode of the prototype 
microfluidic device was also performed by particle tracking using fluorescent 
microscopy. Based on image processing, the capture data at different locations on the 
electrode surface is quantified as a function of the wall shear stress at these locations, 
which is calculated using CFD simulations. Finally, the Faradaic processes in the 
microchannel due to electrochemical reactions are studied to predict the amount of 
electrophoresis in the system. 
Scaling of the device to sample 5 L/hr can be achieved by stacking 835 identical 
microchannels. Power and wetted volume for the prototype and scaled devices are 
presented. The device can thus function either as a filtration unit or as a sample 
concentrator to enable the application of real-time detection sensor technologies. The 
ability to continuously sample water without chemical additives facilitates the use of this 
device in drinking water distribution systems. This work constitutes the first step in our 
development of a continuous, microbial capture and concentration system from large 
volumes of potable water.    
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This dissertation follows the style of Journal of Micromechanics and 
Microengineering. 
 
INTRODUCTION 
Water quality is critical for human health and habitation in numerous 
applications including the municipal water distribution systems, beverage and food 
industries, and space exploration missions. One of the major challenges is to have 
reliable, efficient and cost effective procedures for water quality monitoring that can 
detect pathogens in water distribution and/or storage systems in a continuous manner.  
In a variety of industrial applications, the source water is subject to treatment and 
disinfection prior to being used in water distribution lines. In the bottled water industry, 
certain chemicals are added to water before bottling to satisfy the applicable safety 
standards. However, bottled water is subject to less rigorous testing and purity standards 
than the city tap water in terms of its microbiological quality [1]. Similarly, municipal 
water supplies can also be subject to accidental microbial contamination. For space 
habitation, metabolic and hygienic wastes from laundry, showers, urinals, oral hygiene 
and humidity condensates (considered gray water) are usually reclaimed for potable use 
[2]. Reclaimed water is extremely vulnerable from a microbiological perspective.  
Closed loop water recycling systems provide ideal environments for formation of 
biofilms that can facilitate the growth and survival of human pathogens, as well as those 
organisms that can cause deterioration of the distribution lines.  
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Technologies for monitoring the physical, chemical and microbial environments 
of such systems are of critical importance. An effective method of detecting microbial 
contamination is essential to maintaining the quality in these systems. Significant 
research has been carried out on the development of specific, sensitive and high 
throughput technologies to detect pathogens in water. These include biosensors, 
microarray technologies, and PCR-based assays [3, 4]. One of the key limitations 
associated with currently available pathogen detection technologies is the small volumes 
sampled by these methods (10 – 50 µL volume). Efficient detection requires pathogen 
levels in the analyzed volume to be within the sensitivity threshold of the detection assay. 
Hence, large volumes with dilute pathogen levels need to be sufficiently concentrated 
down to smaller volumes, for current detection methods to have any practical value. This 
requires development of pathogen non-specific (generic) concentration methods for 
microorganisms.  
Most of the existing pathogen concentration methods are based on filtration. 
Although these methods allow filtration of large volumes of water, there are numerous 
difficulties associated with their use. These include procedural complexity (time and 
cost), variable efficiency of virus recovery, and the need for optimization of the filtration 
methods for detecting viruses, bacteria and protozoan organisms from water [5]. 
Filtration techniques can be divided into membrane separation, ion exchange, adsorption, 
distillation, and evaporation systems [6]. Distillation, evaporation and ion exchange 
techniques are less commonly used, due to their cost, low efficiency, and requirement of 
 3
high amounts of chemicals and energy [7, 8]. In membrane separation systems, the 
physical and chemical characteristics of the membrane, such as the pore size, 
distribution and charge, dictates the degree of filtration. Maintaining significant 
hydrostatic pressure drop is critical to achieving high filtration efficiency in these 
systems. The smaller the pore size, the smaller is the size of particles that can pass 
through the membrane. Pressure drop through the filter increases with decreasing the 
pore size. The pressure drop ∆P across a porous medium is represented in terms of the 
pore size (D) and the number of pores (Np) as [9]  
42
2
DN
QP
p
&∝∆ ,                                            (1) 
where  is the flow rate. From equation (1), it can be deduced that an order of 
magnitude decrease in the pore size requires approximately two to three orders of 
magnitudes increase in the pressure drop to maintain the flow at a fixed flowrate. This is 
due to the filter geometry, where the number of pores (N
Q&
p) typically increases by 
decreasing the pore size. Pore size of the membranes used in filtration systems dictates 
whether it is microfiltration (1 -5 µm), ultrafiltration (0.01 - 1 µm) or nanofiltration (1 – 
10 nm) and the power requirements to maintain substantial flow in such filtration 
systems increases with decreasing pore size [10].    
Pathogen concentration technologies, based on membrane filters have been 
reported in the literature (Table 1).  
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Table 1: Review of membrane filtration based recovery methods for pathogens (All 
efficiencies are based on plating of inlet and outlet suspensions). 
Buffer Type Filtration Type Recovery Efficiency (%) 
Tap/Distilled water Microfiltration [11] 
90 - 99 - MS-2 
73 - 99.99 - E.coli 
50 – 99 - Influenza 
Tap Water Microfiltration + charged alumina fiber [12] 
99.7 - MS-2 
99.999 -  E. coli 
Tap Water Ultrafiltration + Chemical dispersant [13] 
71 - 86 - MS-2 
70 - 74 - E. coli 
12 - 71 - E. faecalis 
62 - 75 - Salmonella 
Buffered Saline Water Ultrafiltration [5] 
70 - 84 - E. coli 
36 – 72 - Salmonella  
38 – 73 -T-1 
45 - 62 - PP7 
Dechlorinated tap 
water (pH altered) 
Microfiltration + Chemical 
surfactants [14] 
52.9 - 99.9 - E.coli 
94 - 96 - Salmonella 
Phosphate buffer Ultrafiltration with addition of blocking agents [15] 
22 - 62 - T1 
38 - 78 - PP7 
4 - 44 - Polio virus 
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It can be seen from Table 1 that a generic membrane filtration method with the 
ability to simultaneously concentrate all pathogens from water with large recovery 
percentages is difficult to achieve. Recovery of viruses, which are considerably smaller 
than the bacteria, is inconsistent and has large variations [6]. Most of the filtration 
methods use chemical additives to enhance recovery percentages and require extensive 
preconditioning procedures that make the system very complex and expensive to operate. 
Also, the filtration method needs to be optimized for specific microorganisms to make it 
suitable for use in real-time field applications. It must be noted that most of the recovery 
efficiency percentages quoted in Table 1 are based on culture based methods, obtained 
by comparison of outlet and inlet samples. As a result, dead cells as well as viable but 
uncultivable cells that might result from the addition of chemicals are often overlooked.  
Other commonly used pathogen concentration techniques are based on the 
surface charge of bacterial cells and viruses. Several researchers attempted to develop 
electrophoresis and dielectrophoresis based capture/concentration methods in 
microfluidic systems. Electrokinetic based concentration technologies, reported in the 
literature have been outlined in Table 2. 
 
 
 
 
 
 
 6
 
Table 2: Review of electrophoresis/dielectrophoresis based concentration methods 
for pathogens. 
Pathogen and Buffer 
type 
Electrokinetic 
Method Capture Efficiency 
Pseudomonas 
fluorescens in NaCl 
Electrophoresis using 
gold electrodes [16] 
~ 3 – 4 x 104 CFU/mm2 in 15 
mins (Microscopy) 
E. coli, Bacillus 
subtilis, B. cereus, and 
B. megaterium in 
NaCl + KOH 
Insulator based 
dielectrophoresis [17] Qualitative (Microscopy) 
Erwinia Herbicola in 
histidine buffer 
Isoelectric focusing 
[18] 
1.5 – 1.8 concentration factors 
(Optical density measurements)
Erwinia Herbicola in 
histidine buffer 
Electrophoresis using 
gold electrodes [19] Qualitative (Microscopy) 
Live and dead E. coli 
cells from DI water 
Insulator based 
dielectrophoresis [20] 
3.0 concentration factor 
(Optical density measurements)
E. coli, B. globigii 
from phosphate buffer 
and river water 
Ceramic beads with 
antibody coating [21] 
10 – 70 % capture (Plating and 
optical density measurements) 
 
 
 
 
It can be noted from Table 2 that previous electrophoresis based concentration 
systems have predominantly used a high capacity buffer solution in order to stabilize the 
pH in the system. These systems have limited field use since they cannot be directly 
employed in municipal water distribution lines. Capture efficiencies of these devices 
were often specific to the pathogen type and additionally, some of these systems 
required large electric fields and could not be used in flow based systems. 
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It is well known that various bacteria, viruses and protozoa have a net negative 
surface charge [22-24]. The negative surface charges on bacterial cell surfaces arise by 
virtue of ionized phosphoryl and carboxylate substituents on the outer cell envelope 
macromolecules, which are exposed to the extracellular environment [25]. Gram 
negative bacteria for example, have an outer layer of lipopolysaccharide (LPS) which 
forms a highly charged surface that is stabilized by cation binding [26].  There are, 
however, exceptions to these generalizations. For example, some strains of 
Stenotrophomonas maltophila can have a net positive charge [27]. Bacterial surface 
charges can be modulated by the presence of antibiotics, presence of metal ions and high 
pH [28-34].    
In this study, we present a generic microfluidic device to capture pathogens from 
water by exploiting their surface charges. When subjected to an electric field, the 
pathogens experience electrophoretic motion towards the anode due to their negative 
surface charges. Cells in close proximity to the electrode surface experience electrostatic, 
van der Waals, and hydrophobic interactions. These interactions can be characterized 
using the DLVO theory [35, 36]. Based on this theory, particle adhesion is described 
primarily by two interaction forces including the Lifshitz-van der Waals interactions 
(generally attractive) and electrostatic interactions that result from overlapping electric 
double layers between the bacterial cell and the solid substratum surface (attractive for 
oppositely charged surfaces). The double layer interaction originates from the Coulomb 
interaction between charged molecules, and its strength and range is often strongly 
affected by the surface charge of the bacterial cells and the ionic strength of the 
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surrounding medium. The double layer interactions are related to the zeta potential of 
adhering surfaces, distance between the cell and surface, and the Debye length [37-39]. 
In this study, we are primarily interested in capturing and concentrating pathogens from 
water. Hence, the microfluidic device design is based on electrophoretic mobility and 
zeta potential measurements of microorganisms suspended in water using Capillary 
Electrophoresis (CE).  These measurements account for variations in zeta potentials 
between physiologically similar cells and enable us to design a device non-specific to 
various microorganisms often encountered in water distribution systems. Therefore, 
transport of cells towards the electrode is achieved by electrophoresis, while the cell 
capture is a result of van der Waals and electrostatic interactions.  
Electrophoretic transport depends on the charge of the particles, pH and ionic 
strength of the solution. In a microchannel, pH gradients can be created by employing 
large voltages (above electrolysis potential of water) to generate H+ ions by 
electrochemical reactions. The diffusion of the H+ ions establishes a concentration 
gradient in the microchannel, thereby altering the pH in different parts of the bulk 
solution [19]. In a solution with pH gradients, charged particles under an applied electric 
field will move towards a location where they experience zero net charge. This point is 
known as the isoelectric point (IEP) [39]. The IEP is a characteristic property of charged 
species, and at pH values above the IEP, the species has a net negative surface charge 
and at pH values below the IEP, the species has a net positive surface charge. Bacterial 
cells and viruses generally have an IEP ~ 2 – 4 [40]. Hence, we expect the bacterial cells 
and viruses to have an overall negative surface charge at the pH values of the waters 
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used in this study (5.2≤ pH ≤ 7). Therefore, electrophoretic transport of pathogens in 
water will be effective for most negatively charged species, allowing us to develop a 
generic device, unspecific to the pathogen type.  
Microorganism capture due to cell-surface interactions, including van der Waals 
and electrostatic interactions are strongly influenced by the pH and ionic strength of the 
suspending media. These interactions depend not only on the surface charge of the 
bacterial cells, but also on the surface charge of the electrode itself. The electrode 
material has an IEP, just like the bacterial cells. For example, gold, which is commonly 
used as an electrode material in microfluidic systems, has an IEP of ~ 6.0 [41]. Hence, at 
more basic pH conditions [> pH.7.0], the electrode material will have an inherent 
negative surface charge. Therefore, even though an external positive charge is applied to 
the anode, the electrostatic interactions at higher pH values are less attractive when 
compared to lower pH values. This results in weaker bacterial adhesion to surfaces using 
media with higher pH values. 
The ionic strength of the medium influences the electrostatic interactions 
between the cell and the surface as well. The ionic strength is inversely proportional to 
the thickness of the electric double layer (EDL) formed around the surface of the 
electrode and the cell [39]. Hence, at larger ionic strengths, the cells have to get much 
closer to the electrode surface, in order to have increased electrostatic attraction due to 
overlapping double layers, when compared to lower ionic strengths. Therefore, capture 
in the microfluidic device will be higher at lower ionic strengths, where the cell and the 
surface have thicker EDL around their surfaces. 
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Considering the above mentioned pH and ionic strength effects on cell-surface 
interactions, we performed our studies using reclaimed water from NASA’s water 
regeneration system at the Houston Space Center, three leading brands of bottled water 
and phosphate buffer as the suspending media. The pH and ionic strength of the different 
water types used in this study are provided in Table 3. 
 
 
Table 3: pH and ionic strength of suspending media used in study. 
Parameter 
NASA 
Reclaimed 
Water 
Bottled 
Water-1 
Bottled 
Water-2
Bottled 
Water-3 
Phosphate 
Buffer 
pH 5.24 5.3 5.6 6.5 5.5 
Ionic strength (mM) 0.02 0.61 0.69 0.43 0.96 
 
 
 
Results presented in this paper are applicable to all types of water with pH values 
ranging from 5.2–7.0, and ionic strength in the range of 0.01 mM – 1 mM. The current 
study was focused on three different bacterial genera (E. coli, Salmonella, and 
Pseudomonas) and two viruses (MS-2 and Echovirus). These microorganisms are 
commonly encountered in terrestrial and recycled water distribution systems in America. 
Even though the tests conducted in this study utilized the above mentioned 
microorganisms, the microfluidic capture and concentration device is applicable to all 
types of bacterial cells and viruses found in water since it is based on a generic design.  
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DELINEATING THE ZETA POTENTIALS OF 
ENVIRONMENTALLY RELEVANT STATES OF SELECTED 
BACTERIA IN WATER 
INTRODUCTION 
Microorganisms are known to adversely impact man-made and natural 
ecosystems by forming biofilms, bio-fouling, and by the persistence of pathogenic 
populations in water resources and foods [42-46]. The presence of pathogenic microbial 
populations within distribution lines and recreational water sources are a constant 
concern for the drinking water industry and regulatory agencies.  They cause public 
health concerns as well as influence the disinfection efficiency of commonly used 
disinfectants within distribution systems [47-49].  The initial attachment of bacterial 
cells to the substrate is obviously the primary step in the development of biofilms. A 
better understanding of the underlying factors responsible for the attachment of bacterial 
cells to surfaces can lead to the development of novel pipe coating materials, or 
changing the hydrodynamic conditions within vulnerable spots of the distribution 
systems, or the development of novel intervention and decontamination procedures. 
Studies have shown that the attachment of viruses to a substrate such as an aquifer 
sediment particle is controlled by the virus type, pH, ionic concentration, presence of 
multivalent cations, and organic matter. Similarly, bacterial attachment to surfaces is 
thought to be mediated by surface texture, electrostatic, and hydrophobic interactions 
[50-54]. When the bacterial cells are in close proximity to the solid surface (<100 nm 
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from surface), apart from the electrostatic interactions, various other specific interaction 
processes like van der Waals interactions and hydrophobic interactions  play a vital role 
in determining the adhesion process. However, electrophoretic transport and electrostatic 
interactions can play a vital role in situations where it is necessary to bring the bacterial 
cells closer to a solid surface from the bulk flow region, so that other interactions and 
adhesion can occur. 
It is well known that various bacteria, viruses and protozoa have a net negative 
surface charge [55-57]. The negative surface charges on bacterial cell surfaces arise by 
virtue of ionized phosphoryl and carboxylate substituents on the outer cell envelope 
macromolecules, which are exposed to the extracellular environment [58]. Bacterial 
surface charges can be modulated by the presence of antibiotics, presence of metal ions 
and high pH [59-65].   In this study, we are interested primarily in understanding the 
effects of electrostatic interactions on bacterial adhesion from water. Since bacterial 
biofilm formation in municipal water systems is important, the electrophoretic mobility 
and the zeta potential of environmentally relevant states of bacterial cells in such water 
samples are worthy of investigation. Additionally, understanding the range of variations 
of zeta potentials of different stress states of bacterial cells present in water distribution 
systems will help in designing a generic filtration and concentration system based on 
electrophoretic transport [39]. 
Laser-Doppler-based measurements such as light scattering measurements using 
Zeta-PALS etc. have been used in the past to measure zeta potentials of colloidal 
particles suspended in high ionic strength buffers [66]. Size measurements performed 
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using DICM show that the bacterial cells used in this study have sizes greater than one 
micron, and hence Capillary Electrophoresis (CE) was found to be more reliable for zeta 
potential measurements in terms of its repeatability for larger particles. To our 
knowledge, there is no published information about the zeta potential measurements of 
bacteria in water.  CE has been used in the past to separate different bacterial cells and 
proteins based on their electrophoretic mobility [67, 68]. High ionic strength buffers are 
thought to be essential for efficient separation using the CE [67, 69]. However, given the 
need to determine the zeta potentials of bacteria cells in water samples, the use of high 
ionic strength buffers was untenable. Since municipal water generally has appreciable 
ionic concentrations, we hypothesized that water could be utilized in lieu of a high ionic 
strength buffer. Traditionally, buffers with ionic strengths typically at 5-10 mM or 
higher are employed with CE [70-71].  
The ionic strength of the water used in this study was calculated from the 
individual salt contents presented in Table 5 using the method outlined by Wilson et al. 
[72] to be 10.5 mM. This is comparable to the buffers used with CE, and hence, we were 
able to measure the electrophoretic mobilities and zeta potentials of bacterial cells 
suspended in water.  
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Table 4: Chemical characteristics of the drinking water sample used in the 
electrophoretic mobility measurements. 
Constituent Concentration 
Calcium (Ca) 2 ppm 
Magnesium (Mg) < 1 ppm 
Sodium (Na) 214 ppm 
Potassium (K) 3 ppm 
Boron (B) 0.85 ppm 
Carbonate (CO3) 12 ppm 
Bicarbonate (HCO3) 440 ppm 
Sulphate (SO4) 15 ppm 
Chloride (Cl) 79 ppm 
Nitrate-N (NO3-N) < 0.01 ppm 
Phosphorous (P) 0.42 ppm 
Iron (Fe) 0.01 ppm 
Zinc (Zn) < 0.01 ppm 
Copper (Cu) 0.01 ppm 
Manganese (Mn) < 0.01 ppm 
Arsenic (As) < 0.01 ppm 
Barium (Ba) < 0.01 ppm 
Nickel (Ni) < 0.01 ppm 
Cadmium (Cd) < 0.01 ppm 
Lead (Pb) < 0.01 ppm 
Chromium (Cr) < 0.01 ppm 
Fluoride (F) 0.58 ppm 
Total Dissolved Salts 768 ppm 
pH 8.40 
Conductivity 838 µS/cm 
 
 
 
Previous studies demonstrating the use of capillary electrophoresis to elucidate 
bacterial zeta potentials utilized laboratory prepared buffer solutions, and for the most 
part, these studies have used bacterial cells grown in typical “rich” laboratory media.  
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The present study is unique in that it has employed different bacterial genera grown or 
exposed to different nutrient conditions to simulate different environmental states of 
bacterial cells and their zeta potential was determined in realistic drinking water 
environments. 
BACTERIAL STRAINS AND MEDIA 
The following bacterial strains were employed in this study: Escherichia coli 
DH5α, E. coli DH5α labeled with GFP, Salmonella Newport, and Pseudomonas 
aeruginosa (ATCC 10145).  The E. coli strains were obtained from our laboratory 
collection. Salmonella Newport was previously isolated in the environment in one of our 
previous studies [73]. Pseudomonas aeruginosa cells were obtained from ATCC culture 
collections. Unamended Luria-Bertani broth (LB) was used to grow E. coli, and 
Salmonella Newport, while LB amended with ampicillin (100 µg/mL) was used to grow 
GFP-labeled E. coli cells (Ampicillin was used to maintain the GFP plasmid). Tryptic 
Soy broth (TSB) was used to grow Pseudomonas aeruginosa. 
Drinking Water Sample 
City of College Station, Texas, water samples collected from a laboratory faucet on the 
Texas A&M University campus were used in the experiments. Five liters of tap water 
was collected at a time, filtered (0.2 µm) and stored refrigerated until use. Portions of 
these samples were also analyzed (prior to filtration) for standard water quality 
parameters such as pH, conductivity, total dissolved salts and charge balance at the 
Texas A&M University Soil, Water and Forage Testing Laboratory. The results of this 
analysis are presented in Table 5.   
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Preparation of Environmentally Relevant States of Bacterial Cells 
Rich medium cells:  Cells were grown overnight (100 ml of broth) at 37ºC (E. 
coli, Pseudomonas aeruginosa, Salmonella Newport) in a shaking water bath (100 rpm) 
in LB or TSB broth. The cells were pelleted by centrifugation (10 min, 6000×g) at room 
temperature. For washing, pelleted cells were resuspended in 25 ml of filtered tap water 
and centrifuged (10 min, 6000×g) at room temperature. The supernatant was decanted 
and the steps were repeated two more times. After washing, the cells were resuspended 
in 1 ml of sterile drinking water, and stored at 4 ºC and used in CE experiments within 
48 hours. The supernatant obtained at the initial centrifugation step was filter sterilized 
using 0.22-µm filters and stored at 4 ºC. (The filter sterilized cell free supernatant was 
used as a negative control to verify that the electropherogram peaks during the mobility 
measurements were not arising from media components). 
Minimal medium cells: To obtain cells exposed to nutrient limited conditions, the 
cells were grown overnight in minimal media at 37 ºC or 30 ºC in shaking water bath 
(100 rpm). The minimal medium was prepared as follows: 1 g of dextrose, 7.0 g of di-
potassium phosphate, 2.0 g of mono-potassium phosphate, 0.5 g of sodium citrate, 0.1 g 
of magnesium sulphate, and 1.0 g of ammonium sulphate were dissolved in 1000 mL of 
deionized water  and autoclaved.  Following the initial incubation, the subsequent steps 
were similar to that used for the preparation of nutrient rich cells.  
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Starved cells: The cells were initially prepared similar to that of the “nutrient 
rich” conditions. The cells were then stored for 10 days at 4 °C in drinking water prior to 
the CE experiments.  
Dead Cells: The cells were initially prepared similar to that of the “nutrient rich 
conditions”. The cells were then “killed” using either sodium azide (1%) or exposing the 
cells to ionizing radiation (3.5 kGy) using electron beam source at Texas A&M 
University. We employed this method of killing since it is less destructive on the cell 
surface. The cells were defined as being “dead” or “non-viable" based on their inability 
to grow on LB or TS agar plates after 24 hour incubation at 37 °C.   
MOBILITY AND ZETA POTENTIAL MEASUREMENTS  
Electrophoresis is the motion of charged particles in ionic solutions under electric 
fields. Electrophoretic velocity is proportional to the electric field, and the 
proportionality constant is known as the electrophoretic mobility (µEP). Under high ionic 
strength, the mobility is given as  
            
R
q
EP πηµ 6= ,                    (2)  
 where q is the surface charge, R is the cell radius, and η is the absolute viscosity of the 
suspending medium. Upon application of electric field, the bacterial cells in the capillary 
experience electrophoretic motion towards the anode due to their negative surface 
charges, and they also experience motion towards the cathode due to electroosmotic flow 
of the ionized liquid, created by the negative charges on the fused silica capillary walls. 
To distinguish between the electroosmotic and electrophoretic transport, electroosmotic 
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flow is measured by adding electrically neutral species to the sample. 
Dimethylsulphoxide (DMSO) was used as the electroosmotic flow marker in our 
experiments. The total or apparent mobility of a charged species is then expressed as the 
sum of the electrophoretic mobility and electroosmotic mobility, and is represented as 
EOEPAPP µµµ +=  .                    (3) 
Migration time of the bacterial cells undergoing both electrophoretic and 
electroosmotic motion is represented as t (i.e. time required for the species to migrate 
from the injection end to the detector). The migration time of DMSO is dictated by the 
electroosmotic motion and it is represented as tEO. The apparent mobility and 
electroosmotic mobility are then represented as 
t
d
APP LV
tL
/
/=µ ,                     (4)                           
t
EOd
EO LV
tL
/
/=µ ,                                                             (5) 
where Ld is the length of the capillary column from injection to the detector, and Lt is the 
total length of the column from end to end. V is the applied voltage between the two 
electrodes. For the experiments performed, Lt = 56.68 cm and Ld = 50.08 cm were used.  
CE measures t and tEO and equations (4) and (5) are used to calculate the apparent and 
electroosmotic mobility respectively. The electrophoretic mobility of the bacterial cells 
was then calculated as the difference between apparent and electroosmotic mobilities.  A 
typical electropherogram obtained from a representative CE experiment is shown in 
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Figure 1 with the abscissa and ordinate representing the time in minutes and the 
absorbance at the UV detector in milliabsorbance units, respectively.  
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Figure 1: CE electropherogram plot of E.coli in rich medium (107 cfu/ml) with 
Dimethylsulphoxide (DMSO) added as an electroosmotic flow marker. 
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The zeta potential of the bacterial cells (ζ) is calculated using the electrophoretic 
mobility values as        
         ε
ηµζ EP= ,                                           (6) 
where µEP is the electrophoretic mobility calculated from equation (2), and ε is the 
dielectric permittivity of the drinking water. 
CE Protocol 
A Beckman P/ACE 5510 capillary zone electrophoresis unit, controlled by 
Beckman System software (Beckman P/ACE Station), was used to measure the 
electrophoretic mobility of different bacterial cell preparations.  A standard calibration 
of the CE equipment was performed initially with standard test samples provided by the 
manufacturer. To this end, electrophoretic mobility measurements of 1 mg/ml of Bovine 
serum albumin (BSA) and 1 mg/ml of Insulin dissolved in 0.1 % TFA was performed.  
The voltage needed for separation was determined prior to the actual experiments. 
Based on the Ohms law calibration using the drinking water sample (Figure 2), joules 
heating effects were observed beyond 22.5 kV. All of our separation experiments were 
carried out using a voltage of 20 kV. 
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Figure 2: Ohms Law calibration with drinking water to determine voltage of 
separation with CE. 
 
 
 
The samples were pressure injected into fused silica capillaries with an outer 
diameter of 300 µm and an inner diameter of 75 µm. DMSO (Dimethylsulphoxide) was 
first pressure injected into the capillary for a total of 3 seconds, followed by the sample 
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to be analyzed for 3 seconds. The DMSO is electrically neutral and is representative of 
the electroosmotic flow in the capillary. Prior to running a separation method each time, 
the capillary was rinsed with 1 M NaOH for 5 minutes, followed by a rinse with 0.1 M 
NaOH for 10 minutes, 10 minute rinse with deionized water, and finally, a 10 minute 
rinse with drinking water.  At the end of each separation, 2 minutes rinse of the capillary 
with 0.1 M NaOH and deionized water were also performed. The separation itself was 
carried out for a total of 20 minutes using a voltage of 20 kV. Each bacterial cell 
preparation was analyzed in the CE three times to obtain a representation of the mean 
and standard deviation in the electrophoretic mobility values.  
Results of Mobility Measurements 
Based on preliminary experiments with the CE system, the detection sensitivity 
of the instrument was established as 106 CFU/ml. Also, the cell concentration did not 
have significant effects on the electrophoretic mobility. Higher concentration produced 
larger and wider peaks in the electropherograms (data not included). Tables 5 and 6 
present the electrophoretic mobilities and the zeta potentials of different bacterial cells 
employed in this study, respectively.  
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Table 5: Electrophoretic mobility of different bacterial cells under various 
environmental states and growth conditions. Values represent mean ± standard 
error (n = 3, ND= not done). 
Bacteria Medium 
 Rich (µm-cm/V-sec) 
Minimal 
(µm-cm/V-sec) 
Starved 
(µm-cm/V-sec) 
Dead 
(µm-cm/V-sec) 
E. coli -3.8 ± 0.06 -3.13 ± 0.02 -3.19 ± 0.03 -3.37 ± 0.03 
E. coli + GFP -3.67 ± 0.06 ND -3.47 ± 0.02 -3.6 ± 0.09 
Salmonella sp. -1.23 ± 0.12 -0.31 ± 0.03 -1.26 ± 0.19 -1.25 ± 0.19 
Pseudomonas sp. -3.72 ± 0.04 -3.74 ± 0.24 -3.17 ± 0.14 -3.3 ± 0.02 
 
 
 
Table 6: Zeta potentials of different bacterial cells under various environmental 
states and growth conditions. Values represent mean ± standard error (n = 3). 
 
Bacteria Medium 
 Rich (mV) 
Minimal 
(mV) 
Starved 
(mV) 
Dead 
(mV) 
E. coli -3.8 ± 0.06 -3.13 ± 0.02 -3.19 ± 0.03 -3.37 ± 0.03 
E. coli + GFP -3.67 ± 0.06 ND -3.47 ± 0.02 -3.6 ± 0.09 
Salmonella sp. -1.23 ± 0.12 -0.31 ± 0.03 -1.26 ± 0.19 -1.25 ± 0.19 
Pseudomonas sp. -3.72 ± 0.04 -3.74 ± 0.24 -3.17 ± 0.14 -3.3 ± 0.02 
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Salmonella sp. cells showed the lowest zeta potential compared to the other cells 
across the different physiological conditions. There was a significant difference in the 
zeta potential of Salmonella as compared to E. coli and Pseudomonas sp. when they 
were dead or exposed to rich, minimal or starved conditions. E. coli and Pseudomonas 
cells exposed to starved and minimal conditions show significant differences in their 
zeta potential values. It is interesting that the dead cells of the E. coli and Pseudomonas 
exhibited significant differences in their zeta potentials compared to the other growth 
conditions. E. coli cells, when labeled with GFP showed a significant increase in their 
zeta potential value in the starved medium, when compared to the unlabeled E. coli cells.  
(GFP-labeled cells could not be grown under minimal media conditions due to the 
selective pressure of the antibiotics needed to maintain the plasmid). The P values 
associated with the zeta potential comparisons (based on Univariate ANOVA test) 
between different experimental treatments are presented in Table 7 and Table 8. 
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Table 7: P-values of zeta potential comparisons of different bacterial species 
exposed to the same environmental states and growth conditions. Numbers with 
asterisk represent significant differences based on the Univariate ANOVA Test (P≤ 
0.05). 
Bacteria Type Bacteria Type Medium 
E. coli + GFP Salmonella Pseudomonas
E. coli Rich 0.683 0.000* 0.845 
 Minimal  0.000* 0.127 
 Starved 0.054 0.000* 0.227 
 Dead 0.635 0.000* 0.533 
E. coli + GFP Rich  0.000* 0.819 
 Starved  0.000* 0.393 
 Dead  0.000* 0.533 
Salmonella Rich   0.000* 
 Minimal   0.000* 
 Starved   0.000* 
 Dead   0.000* 
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Table 8: P-values of zeta potential comparisons for the same species of bacteria 
exposed to different environmental states and growth conditions. Numbers with 
asterisk represent significant differences based on the Univariate ANOVA Test (P≤ 
0.05). 
Medium Medium Bacteria Type 
Minimal Starved Dead 
 
Rich 
 
E. coli 
 
0.121 
 
0.014* 
 
0.497 
 E. coli + GFP  0.579 0.726 
 Salmonella 0.004* 0.009* 0.962 
 Pseudomonas 0.9895 0.119 0.248 
Minimal E. coli  0.213 0.596 
 Salmonella  0.722 0.007* 
 Pseudomonas  0.117  0.246 
Starved E. coli   0.037* 
 E. coli + GFP   0.848 
 Salmonella   0.016* 
 Pseudomonas   0.672 
 
 
 
BACTERIAL SIZE MEASUREMENTS 
The bacterial cell sizes were measured to understand the effects of exposing cells 
to different nutrient levels as well as to understand their influence on the electrophoretic 
mobility. Sizes were measured by imaging the cells using Differential Interference 
Contrast Microscopy (DICM).   
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The images were acquired on a Zeiss Axiophot (Carl Zeiss Microimaging, 
Thornwood, NY) microscope using a 100x/1.3 oil immersion objective, a 1.4 NA oil 
immersion condenser and a Coolsnap CF (Photometrics, Tucson, AZ)  digital camera 
controlled by MetaVue software v.5 (Molecular Devices Corporation, Downingtown, 
PA). The images were spatially calibrated and the lengths of the bacterial cells were 
measured manually using ImageJ software [74]. Images were generated at the 
Microscopy and Imaging Center at Texas A&M University. A cover slip was used on 
top of the cell samples to ensure that the cells were uniformly flattened on the slide 
surface so that they were aligned along one single plane. Around 20 images of each 
bacterial sample were taken and the lengths of 97 to 100 individual bacterial cells were 
measured and averaged. Representative images of E. coli suspended in drinking water 
cultured in different growth media are presented in Figure 3. Table 9 represents the size 
distributions of the different bacterial cells along with the corresponding P values [75] 
for test of normality of the distribution.  
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Figure 3: Differential Interference Contrast Microscopy (DICM) images of E. coli 
cells grown in different nutrient conditions suspended in drinking water. 
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Table 9: Size distributions of different bacterial cells under various physiological 
conditions, and test of normality of bacterial lengths as determined by the 
Kolmogorov-Smirnov Test. Size distribution: Mean values ± standard deviation (n= 
between 97 and 100 images) Normality test: The P value was used for comparisons. 
Numbers with asterisk represent normal distribution based on the Kolmogorov-
Smirnov Test for normality (P > 0.05). 
Bacteria (state) Cell size (µm) Degrees of Freedom P Value 
E. coli (rich) 3.3 ± 0.9 100 .013 
E. coli (minimal) 2.6 ± 0.6 100 .000 
E. coli (starved) 3.2 ± 0.8 100 .007 
E. coli (dead) 2.3 ± 0.5 100 .038 
E. coli + GFP (rich) 3.8 ± 0.9 100 .200* 
E. coli + GFP (minimal) 2.9 ± 0.7 100 .007 
E. coli + GFP (dead) 2.8 ± 0.5 100 .200* 
Pseudomonas (rich) 2.1 ± 0.6 97 .005 
Pseudomonas (minimal) 1.7 ± 0.3 97 .077* 
Pseudomonas (dead) 1.7 ± 0.4 97 .200* 
Salmonella (rich) 2.2 ± 0.3 97 .200* 
Salmonella (minimal) 1.7 ± 0.3 97 .200* 
Salmonella (starved) 1.8 ± 0.4 97 .040 
Salmonella (dead) 1.5 ± 0.3 97 .042 
 
 
 
There were visible differences in shape among different bacteria as well as 
between the different treatments (Figure 3). The bacterial cells when grown in rich 
medium ranged from 2.1 µm to 3.3 µm in length. Unlabeled E. coli cells were smaller 
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than the GFP-labeled E.coli cells under all three (rich, starved and dead) conditions 
(Table 2).  The cells grown under minimal media conditions ranged from 1.7 µm to 2.9 
µm, while the starved cells ranged in length from 1.8 µm to 3.2 µm. The size 
distributions of E. coli grown under different media conditions are presented in Figure 4.  
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Figure 4: Size distributions of E. coli cells in different environmental states and 
growth conditions. 
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It can be seen from this figure that not all cell preparations were normally 
distributed. The rich medium E. coli cells distribution follows the trend observed by 
Kilian et al. (size range between 1 µm - 4 µm) [76]. 
DISCUSSION  
There are previous reports indicating that cells when grown under different 
nutrient conditions would exhibit differences in size and shape.  The conversion of rod-
shaped cells to spherical shapes has long been considered one of the survival strategies 
of bacteria in the environment [77-80].  Our results suggest that there are significant 
variations in cell sizes among closely related enteric bacteria even under starvation and 
minimal media conditions (Figure 3 and Table 9).  These findings can be relevant when 
attempting to use analytical instruments such as flow cytometry and coulter counter 
instruments for detecting and enumerating cells in suspensions. Similarly, the 
configuration in which bacterial cells attach to surfaces could be significantly different 
from what is predicted depending on the relative concentrations of spherical and rod-
shaped cells. A previous laboratory study using polystyrene beads have shown that E. 
coli generally attach to surfaces based on charges concentrated at specific ends of the 
bacterial cell [81].    
Previous studies demonstrating the use of capillary electrophoresis to elucidate 
bacterial zeta potentials utilized laboratory prepared buffer solutions, and for the most 
part, these studies have used bacterial cells grown in typical “rich” laboratory media.  
The present study is unique in that it has employed different bacterial genera grown or 
exposed to different nutrient conditions to simulate different environmental states of 
 32
 
bacterial cells and their zeta potential was determined in realistic drinking water 
environments. The measured electrophoretic mobility of E. coli across the different 
physiological conditions ranges from -3.13  µm-cm/V-sec to -3.8  µm-cm/V-sec, which is 
in the same range reported in previous studies by Hayashi et al [82] using similar ionic 
strength buffers and similar pH conditions. Lytle et al. [83] have shown the mobility of E. 
coli to be around -1  µm-cm/V-sec using buffers with ionic strengths similar to the one 
used in this study. However, the difference in mobility between our measurements and 
Lytle et al. arises from the fact that the pH of their buffer was around 6 whereas the pH 
of the drinking water used in this study was 8.4. It has been shown [35, 83] that the 
electrophoretic mobility increases with increasing pH for a particular ionic strength. 
Therefore, our mobility measurements follow the trend predicted in the literature.  
From the size measurements, it was seen that the GFP-labeled E. coli were larger 
than the unlabeled E. coli (Table 9). The data also suggests that with GFP, cell size is not 
significantly influenced even when the cells are dead (Table 9). These results suggest 
that the cloning of genes encoding intracellular proteins actually cause an increase in cell 
dimensions whose electrophoretic mobility does not decrease even when the cells die. 
The finding that dead cells have altered zeta potentials can also have implications on 
biofilm stability under nutrient limited conditions and bacteriocidal agents [84-86].  
The present study is significant in that it is the first report demonstrating that 
municipal drinking water can be used as the buffer in capillary electrophoresis and it 
opens up the possibility of using CE measurements to predict the surface charges of 
bacterial cells exposed to different conditions in drinking water. Based on the zeta 
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potential measurements, the charge distribution in the overlapping double layer between 
the bacterial cell surface and the substratum surface can be estimated. This relates 
directly to the electrostatic interactions of colloidal adhesion to solid substrata as 
described by the DLVO theory. Knowledge of these interactions can enable us to device 
different methodologies to reduce bacterial adhesion, or in cases where adhesion occurs, 
altering the chemistry of the substratum surface by adding surfactants coupled with 
external mechanisms like shear force and/or electrokinetic forces could be used to 
reverse bacterial adhesion. The zeta potential measurements are used to design the 
microfluidic based concentration device to be unspecific to microorganism type.  
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DESIGN AND FABRICATION OF SINGLE CHANNEL 
PROTOTYPE DEVICE 
INTRODUCTION 
Developing a continuous, species non-specific capture system requires careful 
consideration of the various time scales involved in particle motion due to electric field, 
and fluid motion due to the external pressure gradient. Particle migration time (time 
taken for particle to migrate to anode) and residence time (time of particle residence in 
channel based on external flow) are essential in device optimization. Smaller residence 
times result in shorter channels, which minimizes the device wetted volume, pumping 
and electrical power. The voltage applied during capture is limited by the electrolysis 
potential of water (1.23 V) to avoid bubble formation in the channels. In addition, 
electrochemical effects have to be considered in DC electric fields. Since the applied 
electric potential is limited, large electric fields can be obtained by reducing the 
electrode spacing, which is the critical design parameter. Biocompatibility issues and 
electrochemistry between the electrode and the ionic media needs to be considered while 
choosing an appropriate electrode material.  
The microfluidic device is intended to sample large volumes of water, and 
sufficiently concentrate them down to smaller volumes compatible with current and 
future detection technologies. Hence, it is critical to ensure that the wetted volume of the 
device is as small as possible. This ensures high levels of concentration within 
reasonable time frames. Also, the device is meant for sampling water in recycled water 
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systems in space stations, as well as various terrestrial applications. Hence, the power 
consumption (electrical and mechanical pumping power) needs to be minimized in order 
to make it useful and efficient for real-time field applications. In this section, we present 
the various design constraints and physical design limits that were considered before 
choosing the dimensions of the single channel prototype device. Particularly, the wetted 
volume and power of the device are minimized. Flow in the channel is modeled using 
Poiseuille flow relations to predict various time scales involved in particle motion.  
MICROFLUIDIC DEVICE DESIGN AND PRINCIPLE OF OPERATION 
The microfluidic device consists of two parallel electrodes of length L and width 
W separated by a distance h (Figure 5). 
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Figure 5: Schematic of single channel microfluidic device. 
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Pressure driven flow is applied through the channel to maintain the flow, while a 
constant potential difference between the electrodes creates a uniform electric field (E). 
This generates a configuration similar to capacitor plates with electrodes forming the 
channel walls for microorganism adhesion. Under the uniform electric field, negatively 
charged particles travel towards the anode with constant electrophoretic velocity (VEP), 
represented as 
                                                                EV EPEP µ= ,                    (7) 
where µEP is the electrophoretic mobility of microorganisms. Applied electric field and 
channel height are the two critical design parameters that dictate particle motion towards 
the anode. Based on the electrophoresis concept, time required for particle migration 
towards the anode can be predicted as  
      
EP
M V
ht = .                                           (8) 
In order to assure efficient particle capture, the electrophoretic particle migration time 
(tM) must be less than the particle residence time (tR) in the channel, which can be 
predicted as  
      
AVE
R V
Lt = ,                    (9) 
where VAVE is the average velocity of flow in the channel. For pressure driven flows, the 
maximum flow velocity happens in the middle of the channel, and its magnitude is 1.5 
VAVE. Therefore, tM/tR << 1 is a critical design constraint in selection of the channel 
dimensions, applied electric field and the flowrate. We utilized the smallest 
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electrophoretic mobility value of -0.31 µm-cm/V-sec from Table 5, which results in tM  ≈ 
10 s. This ensures efficient capture of even the slowest moving microorganisms, before 
they leave the channel. Therefore, the capture device design is generic to a large range of 
microorganisms with various mobilities.  
Particle residence time (tR) is essential in device optimization. Smaller residence 
times result in shorter channels, which minimizes the device wetted volume, pumping 
and electrical power. The voltage applied during capture is limited by the electrolysis 
potential of water (1.23 V) to avoid bubble formation in the channels. In addition, DC 
electric fields may lead to electrochemical effects, resulting in pH gradients and current 
fluctuations in the system [87]. Under pH gradients, bacteria move to their isoelectric 
point, as opposed to migrating towards the electrode [19]. Flow through the channel 
reduces diffuse charge dynamics effects reported in [87], and steadily maintains 
substantial currents to induce electrophoretic motion (Table 10). In addition, voltages 
smaller than the electrolysis potential of water reduces the pH gradients and fluctuations. 
Since the applied electric potential is limited, large electric fields can be obtained by 
reducing the electrode spacing (h), which is the critical design parameter.  
Another critical design issue is the electrode material. Gold, palladium, platinum 
and titanium etc., are inert and biocompatible. Electrochemistry between the electrode 
and the ionic media needs to be considered while choosing an appropriate electrode 
material. The electric potential that can be applied without contaminating the electrode is 
limited by the electrode oxidation potential at which the metal starts reacting with water. 
Finally, the electrode material should also be machinable. Considering all of the above 
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factors, we chose gold coated glass slides as the electrode material, since the oxidation 
potential of gold is around 1.6 V, which is less than the electric potentials applied in this 
study (1.0 V, 1.25 V). In addition, gold is a noble metal and it is biocompatible. Toxicity 
of gold to the microorganisms was also tested. We were able to successfully recover the 
bacteria after 3 to 4 hours of contact between the bacteria and gold surfaces using culture 
based methods. Hence, the bacterial cells were not killed and/or did not become viable 
but unculturable. 
Fluid flow in the channel can be characterized as two-dimensional, fully 
developed, pressure driven laminar flow. Large channel aspect ratio (h/W<<1) maintains 
mostly two-dimensional flow in the system, and the Reynolds number based on the 
channel height is about 0.02. Therefore the flow is in the Stokes regime, and the flow 
development length (at the entry of the channel) is negligible compared to the channel 
length (L) [88]. For a given volumetric flowrate (Q ), the average channel velocity is  &
                                                    
Wh
QVAVE
&= .                  (10) 
The pressure drop in the channel can then be found as [88] 
                 3
12
Wh
LQp η&=∆ ,                                                (11) 
where η is the absolute viscosity. Pressure drop is important for estimating the pump 
power required to drive the flow, and also for calculating the shear stress on channel 
walls. The latter is important to quantify the shear force experienced by the cells stuck 
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on channel walls. For a specified pressure drop, shear stress on the channel surfaces can 
be predicted by [88] 
L
ph
2
∆=τ                                                              (12) 
The microfluidic channel dimensions were chosen to minimize the power 
required to pump fluid into the channel ( ) and the wetted volume 
( ) of the channel at the same time. Figure 6 represents the design plot 
(pumping power and wetted volume) for the microfluidic device, as a function of 
channel hydraulic diameter.  
pQPpump ∆×= &
LWh=∀
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Figure 6: Design plot of wetted volume and pumping power of single channel as a function 
of channel dimensions. 
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To generate the above plot, the length of channel was assumed to be 60 mm, 
based on physical constraints, and to satisfy the design constraint of tM/tR << 1. In Figure 
6, the intersection point of wetted volume and power for different channel widths 
represents a design point (minimal wetted volume and power). Considering these design 
points, along with other design and physical constraints mentioned previously, the 
channel dimensions were chosen to be 60 mm (L) × 40 mm (W) x 150 µm (h). Table 10 
presents critical parameters for the microchannel design, including channel dimensions, 
particle time scales, electric field and current, and the electric and mechanical power.  
 
 
Table 10: Critical parameters of the single channel prototype microfluidic device. 
Device Parameter Value 
Device Dimensions 60 mm (L) Χ 40 mm (W) x 150 µm  (h) 
Channel wetted 
volume (ml) 0.36 mL 
Particle migration 
time  based on 
smallest mobility 
~ 10 s 
Particle residence 
times 10.8 min (2 mL/hr), 5.4 min (4 mL/hr), 3.6 min (6 mL/hr) 
Applied potential 
differences and 
electric fields 
1.0 V (6.7 V/mm) and 1.25 V (8.4 V/mm) 
Steady electric 
current in the system 20 µA (1.0 V), 26 µA (1.25 V) 
Electrical power 
consumption per 
channel 
20 µW  (1.0 V), 32 µW (1.25 V) 
Pressure drop from 
equation (6) 2.97 Pa (2 mL/hr), 5.94 Pa (4 mL/hr), 8.91 Pa (6 mL/hr) 
Pumping power 1.65 nW (2 mL/hr), 6.60 nW (4 mL/hr), 14.85 nW (6 mL/hr) 
 41
 
MICROFLUIDIC DEVICE FABRICATION 
The microfluidic channel walls (anode and cathode) were fabricated from 50 mm 
× 75 mm plain glass slides by coating them with 99.99% pure gold (35 nm thickness). A 
barrier layer of chromium (15 nm) was used between the glass and gold since gold does 
not directly adhere to glass. Both chromium and gold deposition on glass were done in a 
high vacuum metal deposition chamber (BOC Edwards Auto 306 metal evaporation 
chamber) at a deposition rate of 0.05 nm/s. Prior to deposition, the glass slides were 
cleaned thoroughly by rinsing with acetone, isopropanol and millipore filtered deionized 
water for 2 minutes for each process. This enables deposition of a uniform layer of gold 
on the glass. Also, prior to the gold deposition, holes for inlet and outlet were drilled on 
the glass slide to be used as anode. Teflon tubing with 0.87 mm inner diameter was used 
for inlet and outlet tubing.  
The spacing between electrodes was created using a 150 µm thick double sided 
adhesive tape (Removable double sided adhesive, 3M corp.). The top and bottom 
electrodes were misaligned by 5 mm along the length to create the necessary spacing for 
electrical wiring. The wires were glued to the electrodes using silver epoxy (Stan 
Rubinstein Associates). After the assembly, a microchannel with dimensions of 60 mm × 
40 mm × 150 µm was obtained. The channel was sealed with epoxy from the outside to 
eliminate leaks in the system. Figures 7 and 8 show a schematic of the assembly process 
and a picture of the assembled microfluidic device respectively. 
 42
Teflon tubing 
for inlet/outlet
 
Figure 7: Schematic of microfluidic device assembly. 
 
 
 
 
     
    
Figure 8: Picture of Assembled Single Channel Prototype Microfluidic Device. 
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TESTING OF SINGLE CHANNEL PROTOTYPE MICROFLUIDIC 
DEVICE FOR EFFICIENCY – PLATING AND REAL-TIME PCR 
INTRODUCTION 
Three different methods were employed for testing the single channel prototype 
microfluidic device performance. These include indirect methods of quantification like 
plating and real-time PCR, and direct observation of capture on the anode by performing 
particle tracking using fluorescent microscopy. In this section, we discuss the methods 
and protocols employed for quantifying the capture efficiency of the single channel 
prototype device based on culture based methods like plating along with validation 
studies using molecular methods like real-time PCR. The performance of the device is 
analyzed as a function of channel flow rate, applied electric field, and pH and ionic 
strength of the suspending media. The concentration factors that are achieved with the 
single channel prototype device at different flow rates are presented. Finally, comparison 
of the power requirements between the microfluidic device developed in this study and 
existing concentration methods is also presented. 
CULTURING OF STRAINS AND QUANTIFICATION PROCEDURES  
Microorganisms 
E. coli DH5α, Pseudomonas sp., and Salmonella Newport and two viruses (MS-2 
and Echovirus 11 -ATCC # VR-1052) were used in this study. E. coli DH5α and 
Salmonella Newport and Pseudomonas sp were grown at 37ºC in unamended Luria-
Bertani (LB) broth and tryptic soy broth (TSB) respectively. The cells (30 mL) were 
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centrifuged (3300 × g) and washed 3X using 10 mL of filter sterilized water. The 
washed cells were then resuspended in 40 mL of fresh filter sterilized water for 
experimentation. The cells were quantified by plate counts to ensure a concentration of 
approximately 106 CFU/mL. The samples were tested in the microfluidic device within 
4-6 hours of preparation. 
Viruses 
E. coli Famp strain was used as a host to prepare a high titer (106 PFU/mL) lysate 
using the double agar overlay method based on previously published protocols [89].  For 
Echovirus 11, BGMK kidney cells were employed to prepare a lysate containing 
approximately 106 PFU/mL [89].  
Quantification Using Plating 
Three different dilutions of each sample (three replicates each) from the 
microfluidic device were prepared in phosphate buffer. Ten (10 µL) of sample mixed 
with 90 µL of phosphate buffer were plated on LB agar (E. coli DH5α and Salmonella 
Newport) and TSA (Pseudomonas sp.) and incubated for 16-18 hrs at 37 ºC prior to 
enumeration.  The colonies were counted and averaged to quantify the concentration of 
cells in the original sample. The double agar overlay procedure was used to enumerate 
the MS2 phages in the samples. Quantification of the Echo viruses was performed using 
the method used by Vega et al. [89] and results were expressed as PFU/mL. 
Quantification Using Real-time PCR 
A commercially available AOAC validated real-time PCR assay based on 
molecular beacon technology (Genevision™ real-time PCR system, Warnex Inc. Quebec 
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City, Canada) was used for quantitative detection of Salmonella sp. using real-time PCR.  
The protocol used for real-time PCR amplification was as follows. In the first step, 10 
µL of samples (three replicates each) were mixed with 90 µL of the extraction buffer in a 
microtiter plate.  The extraction plate provided by the manufacturer was run at 90 ºC for 
15 minutes to lyse out the DNA from bacterial cells. Later, the microtiter plate with 
extracted DNA was centrifuged at 1800 × g for 5 minutes to sediment cell debris. 
Following this, 10 µL of extracted DNA sample was collected from the top of the 
extraction plate and mixed in another microtiter plate (detection plate) containing 15 µL 
of detection buffer, which was also provided by the manufacturer. The detection plate 
was then placed on the thermocycler, and the instrument was run for 40 PCR cycles 
(melting at 95 ºC for 1 minute, annealing at 57 ºC for 1 minute and extension at 72 ºC 
for 1 minute). Fluorescence measurements at the end of each cycle were recorded real-
time and amplification plots were obtained using the Sentinel software (Genevision™ 
System).  
A standard curve was generated to determine the number of target organisms 
present in the original sample. Different dilutions of standard samples (101 – 106 
CFU/mL), with cell counts (known earlier by plating) were included as part of the 
samples and were analyzed along with each PCR assay. The number of cycles, after 
which a significant shift in fluorescence is observed, is denoted as the threshold value 
(Ct value) for each sample. The Ct value of each sample analyzed in the PCR reaction is 
a linear function of the amount of target DNA in the original sample [log (CFU/ml)]. A 
calibration curve was generated between the Ct values and the log (CFU/mL) of the 
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standard samples with known cell counts. Since the slope and intercept of this graph are 
similar for the standard and unknown samples, the Ct values of the unknown samples 
were used along with the slope and intercept of the standard calibration curve to find the 
actual cell count in each sample. Each sample was run in triplicates to obtain a measure 
of the average cell count. 
SURVIVAL STUDIES WITH GOLD ELECTRODE 
Survival studies were performed with the gold electrodes to ensure that exposure 
to gold did not kill or induce the viable but non culturable state (VBNC) in 
microorganisms.  E. coli DH5α strain was used for this study. The cell suspension was 
prepared in recycled water at concentrations of ~ 107 CFU/mL and exposed to the 
electrode for three hours by spreading a 100 µL droplet on the surface. The cells were 
then recovered and plated to compare the concentrations prior to and after exposure to 
gold for three hours. This procedure was repeated three times. The initial concentration 
of the bacterial cells prior to exposure to gold was 4.5 × 108 CFU/mL. After exposure to 
gold for 3 hours, the concentration of the cells was 2.5 × 108 CFU/mL. Hence, the 
bacterial cells were not killed and/or did not become viable but unculturable. 
EXPERIMENTAL SETUP AND DATA ANALYSIS 
Microorganism capture experiments were performed for E. coli, Salmonella, 
Pseudomonas, MS-2 and Echovirus at potential differences of 1.0 and 1.25 V, and at 
flow rates of 2, 4 and 6 mL/hr. All experiments were carried out using an initial 
concentration of ~106 CFU/mL in the case of bacterial cells, and ~106 PFU/mL in the 
case of viruses. Lower initial concentrations, representative of potable water numbers, 
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could not be used, because, the cells collected at the device outlet, would then be below 
the sensitivity thresholds of the culture based and real-time PCR detection assays. 
Two identical devices were tested in parallel to quantify the efficiency of capture. 
Microorganism capture occurs at the anode of the device that has the electric field turned 
on. The second device experiences zero electric field, and was used for negative control. 
Hence, the negative control device was used to account for any organisms that may be 
captured in the inlet/outlet tubing or any other device accessories. While calculating the 
device capture efficiency, negative control was used as the reference sample to negate 
the aforementioned effects. Both devices were connected to the same syringe pump 
dispensing microorganism samples at a constant flow rate. Hence, the capture and 
negative control devices used the same inlet sample for consistency. The samples from 
outlet tubes of both devices were collected in a microcentrifuge tube for analysis. Each 
experiment was repeated atleast three times. A standard protocol was used for running 
each experiment in terms of device rinsing procedure, experimental conditions, time of 
experiment, and sample handling. This ensures that these experiments are highly 
reproducible. Figure 9 represents a schematic of the experimental setup used in this 
study.  
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Figure 9: Schematic of experimental setup for plating and PCR experiments. 
 
 
 
Samples collected from the outlet of both capture and negative control devices 
were analyzed for cell counts using culture based methods and real-time PCR assays. 
The CFU/ml of outlet samples of the capture [θCap(Plate)] and negative control [θNC(Plate)] 
devices are obtained by plating, and the efficiency of microorganism capture based on 
plating is calculated using 
       %100
)(
)()( ×⎟⎟⎠
⎞
⎜⎜⎝
⎛ −=
PlateNC
PlateCapPlateNC
Plate θ
θθη .                               (13) 
Similarly, the CFU/ml of outlet samples of the capture [θCap(PCR)] and negative control 
[θNC(PCR)] devices are obtained using real-time PCR, and the efficiency of microorganism 
capture based on real-time PCR is calculated using  
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It must be emphasized that since the capture efficiencies were calculated using the 
negative control sample as opposed to the inlet sample, these efficiencies reflect capture 
as a result of the electric field only.  Prior to the quantification, cell viability assays using 
BacLightTM Bacterial Viability Kits (Invitrogen) were performed to ensure that the 
applied electrical potential was not inactivating the cells (data not included).  
RESULTS AND DISCUSSION 
Pathogen capture experiments were performed for E. coli, Salmonella, 
Pseudomonas, MS-2 and Echovirus at potential differences of 1.0 and 1.25 V, and at 
flow rates of 2, 4 and 6 mL/hr. All experiments were carried out using an initial 
concentration of ~106 CFU/mL in the case of bacterial cells, and ~106 PFU/mL in the 
case of viruses. Tables 11 and 12 highlight the capture efficiencies of E. coli, Salmonella 
and Pseudomonas from NASA reclaimed water using electric potential difference of 1.0 
V (E = 6.7 V/mm) and 1.25 V (E = 8.4 V/mm), respectively. The flow rate for these 
experiments was 2 mL/hr. The cells collected at the outlet of both the negative control 
and capture device were quantified using plating.  
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Table 11: Capture efficiency of bacterial cells from recycled water at 1.0 V 
potential drop and at 2 mL/hr (E = 6.7 V/mm, Inlet concentration of cells ~ 106 
cfu/ml). 
Salmonella E. coli Pseudomonas 
2 ml/hr 2 ml/hr 2 ml/hr Time 
Plating (%) Plating (%) Plating (%) 
t = 15 mins 90.2 ± 9.5 91.3  ± 4.3 92.9  ±6.6 
t = 30 mins 96.1 ± 3.8 95.7  ± 2.2 98.1  ± 1.5 
t = 45 mins 90.6 ± 9.1 85.4  ± 9.3 94.3  ± 4.8 
t = 60 mins 85.5 ± 14.4 92.1  ± 6.6 82.8  ±13.9 
 
 
 
Table 12: Capture efficiency of bacterial cells from recycled water at 1.25 V 
potential drop and at 2 mL/hr.  (E = 8.4 V/mm, Inlet concentration of cells ~ 106 
cfu/ml). 
Salmonella E. coli Pseudomonas 
2 ml/hr 2 ml/hr 2 ml/hr Time 
Plating (%) Plating (%) Plating (%) 
t = 15 mins 99.996  ±0.003 99.7  ±0.2 98.6  ± 0.9 
t = 30 mins 99.997  ± 0.001 99.8  ± 0.1 99.6 ± 0.2 
t = 45 mins 99.997  ± 0.004 99.4  ± 0.4 99.7 ± 0.3 
t = 60 mins 99.998  ± 0.002 98.7  ± 1.1 99.2 ± 0.8 
 
 
It can be seen from Table 11 that using a potential drop of 1.0 V, there is one to 
two log reduction in the number of cells at the outlet, compared with the negative control 
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experiment. The capture efficiencies presented in this table were calculated from the cell 
counts using equation (13). Capture efficiencies as high as 90% were achieved within 15 
minutes of operation of the device. It should also be noted that the capture efficiency is 
independent of the bacterial cell type. For all bacterial types, the maximum efficiency of 
capture was achieved after 30 minutes. The efficiency seems to reduce slightly at later 
times. Three to four logs of reduction in the number of cells at the device outlet were 
observed at 1.25 V (Table 12). In addition, the capture efficiencies remain consistent 
during the one hour sampling period. Since these results are obtained during a flow 
process, there is continuous accumulation of captured cells on the electrode surfaces. We 
must point out that the capture efficiencies would be higher, if inlet samples were used 
as the reference for calculation, instead of the negative control device data. 
Table 13 presents the capture efficiency of Salmonella cells from reclaimed 
water, three leading brands of bottled water and 1 mM phosphate buffer (pH=5.5) using 
electric potential difference of 1.25 V (8.4 V/mm) and 2 mL/hr flow rate. Quantification 
for this set of experiments was performed using plating. The pH and ionic strength of the 
different media used in this set of experiments was presented in Table 3. 
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Table 13: Salmonella capture efficiency from bottled and recycled water and 
phosphate buffer at 1.25 V potential drop and at 2 mL/hr. (E = 6.7 V/mm, Inlet 
concentration of cells ~ 106 cfu/ml). 
Salmonella 
2 mL/hr 
Time Bottled 
Water 1 (%) 
Bottled 
Water 2 (%)
Bottled 
Water 3 (%)
NASA 
Reclaimed 
Water (%) 
Phosphate 
buffer (%) 
t = 15 
mins 96.6  ± 1.5 95.6  ± 4.4 94.0  ± 0.9 99.996  ±0.003 99.98  ± 0.01
t = 30 
mins 98.3 ±  0.8 98.3  ± 1.7 95.6  ± 1.5 99.997  ± 0.001 99.97  ± 0.02
t = 45 
mins 98.7  ± 0.4 97.9  ± 2.1 98.1  ± 0.3 99.997  ± 0.004 99.20 ± 1.83
t = 60 
mins 98.1  ± 1.4 96.4  ± 3.6 96.6  ± 0.2 99.998  ± 0.002 97.03  ± 3.84
 
 
 
Bottled water and phosphate buffer experiments resulted in 94% to 99% capture 
efficiencies, while capture efficiency from recycled water was consistently at 99.99% 
and higher. This discrepancy could be attributed to the differences in ionic strengths of 
bottled and recycled waters (Table 3). Higher ionic concentrations (bottled water) result 
in thinner electric double layers, which affect electrostatic interactions as described by 
the DLVO theory [6, 32]. In the case of thinner EDL, the cells have to get in much closer 
proximity to the surface, to have higher electrostatic attraction from overlapping double 
layers. Hence, within the time frames tested, capture for recycled water, which has 
thicker EDL is higher, because the electrostatic interactions are more attractive even at 
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larger cell-surface distances, when compared to bottled water and phosphate buffer 
experiments. 
Salmonella sp. cells captured from reclaimed water were also quantified using 
real-time PCR. The PCR analysis ensures that dead cells, viable but unculturable cells, 
and naked DNA, which could not be quantified using the culture based methods, are also 
accounted for. Table 14 presents a comparison between the capture efficiencies 
calculated using equations (13) and equation (14), based on the plate counts and real-
time PCR cell counts, respectively.  
 
 
Table 14: Comparison of Salmonella capture efficiency between plating and real-
time PCR from recycled water at 1.0 V potential drop and at 2 and 4 mL/hr. (E = 
6.7 V/mm, Inlet concentration of cells ~ 106 cfu/ml). 
Salmonella 
2 ml/hr 4 ml/hr 
Time Plating PCR Plating PCR 
t = 15 mins 90.2 ± 9.5 67.6  ± 1.7 94.83 46.77 
t = 30 mins 96.1 ± 3.8 66.3  ± 1.6 98.17 46.77 
t = 45 mins 90.6 ± 9.1 44.2  ± 1.3 97.96 71.68 
t = 60 mins 85.5 ± 14.4 42.2  ± 2.1 97.96 31.74 
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Table 14 shows that real-time PCR capture efficiencies are lower than the plating 
capture efficiencies at all times. This mismatch can be explained as follows: Culture 
based methods like plating quantify only the culturable cells. However, real-time PCR 
accounts for culturable, viable but unculturable and dead cells, as well as the naked 
DNA. Hence, when Equation (13) is used to calculate the device capture efficiency 
based on plating,  θCap(Plate) and  θNC(Plate) take only the culturable cells into account. 
When Equation (14) is used to calculate the device capture efficiency based on real-time 
PCR, in addition to the culturable cells, both θCap(PCR) and  θNC(PCR) account for the dead 
cells, naked DNA and viable but unculturable cells. Due to this reason θNC(PCR) 
> θNC(Plate) and θCap(PCR) > θCap(Plate), which primarily affects the denominator of 
Equations (13) and Equation (14), and results in ηPCR < ηPlate. 
Table 15 presents the capture efficiency at four different flow rates (2, 4, 6 and 9 
ml/hr) for Salmonella cells at 1.0 V. Quantification for this set of experiments was 
performed using plating.  
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Table 15: Salmonella capture efficiency comparison at different flow rates using 
plating (E = 6.7 V/mm, Inlet concentration of cells ~ 106 cfu/ml). 
Salmonella 
2 ml/hr 4 ml/hr 6 ml/hr 9 ml/hr Time 
Plating Plating Plating Plating 
t = 15 mins 90.2 ± 9.5 98.1 ± 1.7 99.5 ± 0.3 33.38 
t = 30 mins 96.1 ± 3.8 97.5 ± 1.6 90.9 ± 7.3 38.00 
t = 45 mins 90.6 ± 9.1 90.7 ± 8.1 72.2 ± 22.7 33.62 
t = 60 mins 85.5 ± 14.4 87.6 ± 11.4 78.3 ± 17.3 45.13 
 
 
 
 
It can be observed from Table 15 that the device capture efficiency is 
consistently around 90-99% at 4 mL/hr flow rate for one hour operation. However, at 6 
mL/hr, the capture efficiencies drop to around 70-80% beyond 30 minutes. At 9 mL/hr, 
the capture efficiencies were quite low. This can be attributed to lower particle residence 
times (2.4 min) predicted by equation (9). Therefore, the majority of particles leave the 
channel before they can be captured.  
Table 16 presents the capture efficiency for viruses (MS-2 and Echovirus). These 
set of experiments were performed at 2 mL/hr using potential drops of 1.0 V and 1.25 V. 
The cells collected at device outlets were quantified using plating. 
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Table 16: Capture efficiency of viruses from recycled water at 1.0 V and 1.25 V 
potential drop and at 2 mL/hr. (E = 6.7 V/mm, Inlet concentration of cells ~ 106 
PFU/ml). 
MS-2 (1.0 V) MS-2 (1.25 V) Echovirus (1.25 V)
2 ml/hr 2 ml/hr 2 ml/hr Time 
Plating Plating Plating 
t = 15 mins 93.9  ±3.9 92.7 ± 5.2 77.22 
t = 30 mins 91.1  ± 1.1 97.6 71.57 
t = 45 mins 97.5  ± 0.1 98.9 ± 1.0 77.24 
t = 60 mins 88.6 ± 9.9 95.84  74.32 
 
 
 
It can be seen from Table 16 that MS-2 cells were captured with 90-99% 
efficiency and the capture efficiency drops to around 88% after 1 hour when 1.0 V is 
applied, whereas the efficiency is consistent at all times at 1.25 V. In the case of the 
Echovirus 11, the capture efficiencies were around 70-80% at all times. Since the viruses 
are too small to be viewed under a microscope, fluorescent microscopy observations for 
virus killing under electric fields could not be performed. 
Figure 10 shows the effect of pH on the time averaged capture efficiency for 
Salmonella cells, using 1.0 V potential drop at 2 mL/hr flow rate.  
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Figure 10: Effect of pH on time averaged capture in microfluidic device. 
 
 
The capture efficiencies presented in Tables 11-16 show that the capture 
efficiency is constant over the times sampled. Hence, in Figure 10, the time averaged 
capture efficiencies are presented for different types of water with varying pH. It can be 
seen from this Figure that at basic pH values (> pH 7.0), the capture efficiencies are very 
small, compared to capture efficiencies at more acidic pH conditions (5.25<pH<6.5). 
This is attributed to the fact that at higher pH values, the gold electrode has an inherent 
negative zeta potential, and hence the applied positive potential on this electrode has to 
overcome this inherent negative charge to enable capture. Since the electrostatic 
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interactions at higher pH values are less attractive compared to the electrostatic 
interactions at lower pH values (below isoelectric point of gold electrode), the capture is 
much lower at higher pH values. This follows the same trend as shown in literature by 
other researchers. Borchardt et al. [90] have shown that the recovery of bacterial cells 
and viruses from tap water using glass wool fibers decreases at higher pH values, since 
at this limit, the fiber reaches its isoelectric point, and is no longer electropositive. Hou 
et al. [11] have also shown that MS-2 recoveries from Houston tap water decreases with 
increasing pH values using charge modified microfilters, which is also attributed to the 
isoelectric point of the filters being reached at higher pH values. 
CELL CONCENTRATION FACTOR 
To emphasize the importance and scientific relevance of the capture efficiencies 
given in Tables 11 to 16, we performed a cell conservation analysis in the microfluidic 
channel. Since the device was fed with cells at a constant volumetric flow rate ( in 
mL/hr), continuous cell accumulation takes place in the device. If we assume the inlet 
and exit concentration of cells as θ
Q&
In  and θCap (in CFU/mL), respectively,  the  cell  
accumulation  rate  in  the  channel  becomes (θIn -θCap) × Q  (in CFU/hr). Using wetted 
volume of the microfluidic device, ∀=W×L×h, the cell accumulation rate (
&
dtd /θ ) can 
be written (in CFU/ml hr), as  
∀
×−= Q
dt
d CAPIN &)( θθθ                     (15) 
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In order to define a cell concentration factor (CF) for a desired time period T, equation 
(15) must be integrated in time, and normalized using the inlet cell concentration value 
(θIn). Assuming approximately constant cell accumulation rates ( dtd /θ ), as evidenced 
by constant capture efficiencies shown in Tables 11-16, the concentration factor 
achieved at the end of time period T (in hours) can be calculated as  
  ∀
××−= TQCF
IN
CAPIN
&
θ
θθ .                   (16) 
The above analysis was based on the cell numbers at the inlet of the device (θIN). 
However, the capture results shown in Tables 11-16 were based on the cell numbers in 
the negative control experiments (θNC). Due to the tubing and other components of the 
device, θIn  >θNC, and due to cell capture θNC  > θCap. Recognizing similarities between 
the (θIn -θCap )/θIn term in equation (16) and capture efficiencies defined in equations (13) 
and (14), we consistently observe (θIn -θCap)/θIn > η. Therefore, we can substitute η 
instead of the (θIn -θCap)/θIn term in equation (16), as a conservative estimate of the 
concentration factor. This results in 
∀
××= TQCF &η .                   (17) 
Using Table 15, the concentration factors achieved within one hour for 
Salmonella cells at 1.0 V, using the wetted volume of the device (∀=0.36 mL) can be 
obtained. Since the plating based capture efficiency (ηPlate) slightly varies by time, we 
utilized time-averaged capture efficiencies of 90.6%, 93.5%, 85.2%, at 2, 4 and 6 mL/hr 
flow rates. This results in CF values of 5, 10.4, and 14.2, for 2, 4 and 6 mL/hr flow rates, 
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respectively. Therefore, assuming uniform cell distribution in water and constant capture 
efficiency, the pathogen concentration in the device increases by CF folds for a given 
time period T. The sample volume reduction (SVR) achieved by the device can be 
calculated as 
∀
×= TQSVR & .                                          (18) 
Within an hour SVR values of 5.55, 11.11, and 16.67 are observed at 2, 4 and 6 mL/hr 
flow rates, respectively. Comparing equations (12) and (13), 
               SVRCF ×= η .                  (19)  
We must note that both the CF and SVR values increase linearly with time and the flow 
rate, and reduction in the wetted volume ∀ is crucial for enhanced results. However, the 
capture efficiency (ηPlate) and its stability with time remains the most crucial issue in 
device performance.  
Based on the capture efficiency results presented in Tables 11 – 16, 90 to 99% of 
E. coli, Salmonella, Pseudomonas and MS-2 are captured in the device. Capture 
efficiency for Echovirus is about 75%. Consistency of the capture efficiency for most 
pathogen types makes this device nonspecific to the pathogen type. This is usually not 
the case for filtration based concentration methods, where filter pore size is optimized 
for specific organisms. In addition, capturing viruses using ultrafiltration and 
nanofiltration systems can be rather expensive and laborious. However, the microfluidic 
device captures viruses based on their surface charges and delivers consistently high 
capture efficiencies, without the need for any chemical additives. 
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 Capture efficiencies reported in the literature mostly utilize the inlet 
concentration as a reference. All capture efficiency calculations presented in this study 
are based on the negative control data. This is a major difference between this paper and 
other concentration based studies reported in the literature (Tables 1 and 2). Our 
approach, based on the negative control experiments, accounts for microorganisms that 
may have adhered to tubing and other accessories that are part of the capture system. If 
the inlet samples were used as the reference for efficiency calculation instead of the 
negative control, number of the captured cells would increase by half to one log, and this 
would increase the overall capture efficiency of the device.  
To our knowledge, this is the first study using real-time PCR to validate the 
device capture efficiencies obtained by plating methods. Previous studies, summarized 
in Tables 1 and 2, were based on plating. Hence, those studies did not presumably 
account for the dead, and viable but unculturable cells, which may arise as a result of the 
cell capture method.  
FULL-SCALE PRESSURE DROP AND PUMPING POWER COMPARISONS  
Development of a continuous, species non-specific pathogen capture and 
concentration system from large volumes of water is one of the primary motivations of 
this study. The prototype device with 0.36 mL wetted volume can efficiently capture 
pathogens at 6 mL/hr flow rate. We have chosen continuous sampling of water at 5 L/hr 
as a target for terrestrial and space applications. We plan to address the drastic 
differences between the single channel and target flow rates by stacking multiple 
identical channels in planar arrays. For example, using our current design, we can match 
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the 5 L/hr target flow rate using 2500, 1250 and 835 microchannels at 2, 4 and 6 mL/hr, 
respectively. With the advent of micro fabrication technologies, it is possible and 
affordable to fabricate arrays made out of several thousand identical microchannels [91]. 
An important requirement in device design is the final sample volume, which needs to be 
compatible with the existing detection methodologies.  
The electrical power required to capture pathogens, and the pumping power 
required to maintain 5 L/hr flow rate are critical parameters that need to be considered. 
In Table 17, we present the power requirements and the final concentrated volume for 
using 2500, 1250 and 835 identical microchannels, operating at 2, 4 and 6 mL/hr, 
respectively.  
 
 
Table 17: Device parameters to sample water at 5 L/hr at various conditions. 
 2 mL/hr 4 mL/hr 6 mL/hr 
Total number of 
channels required 2500 1250 835 
Full scale pumping 
power 4.1 µW 8.3 µW 12.4 µW 
Full scale electrical 
power 
50 mW at 1.0 V 
80 mW at 1.25 V 
25 mW at 1.0 V 
40 mW at 1.25 V 
17 mW at 1.0 V 
26.8 mW at 1.25 V 
Total concentrated 
volume 900 ml 450 ml 300 ml 
Concentration factor 
at 90% efficiency 5 10 15 
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The total electrical power (PE) is obtained from the current (I) and voltage (V) 
characteristics of the single channel device (Table 10), using PE=nVI, where n is the 
total number of channels required to maintain 5 L/hr flow rate. The total pumping power 
(Ppump) is obtained using the flowrate and pressure drop of a single channel, and using 
 (Table 10). At 6 mL/hr, the total number of channels required to sample 
at 5 L/hr is 835, and the total power required to pump the fluid is on the order of 0.012 
mW. This is four or five orders of magnitudes smaller than the power required for 
ultrafiltration (~0.2-0.3 W) [15] and nanofiltration (~5-10 W) [92] systems at the same 
flow rate. The electric power is on the order of 30 mW. These power estimates neglect 
power losses in various components and the pressure drop in tubing. Therefore, with a 
conservative estimate, we envision the total power requirement of the pathogen capture 
and concentration system to be on the order of 0.1 W. Using 835 channels operating at 6 
mL/hr, the device samples 5 L of water within an hour and captures 90~99% of the 
pathogens in a total wetted volume of 300 ml. Therefore sample volume reduction (SVR) 
of 16.67 can be achieved within an hour. With at least 90% capture efficiency the device 
should yield a concentration factor (CF) of 15. 
pQnPpump ∆= &
 
 64
 
IN-SITU ANALYSIS OF ADHESION ON MICROFABRICATED 
GOLD ELECTRODES 
INTRODUCTION 
When bacterial cells are in close proximity to a solid surface (<100 nm from 
surface), various interaction processes including van der Waals interactions, 
hydrophobic interactions and electrostatic interactions play a vital role in determining 
the adhesion process. However, electrophoretic transport and electrostatic interactions 
between charged surfaces play a vital role in situations where the bacterial cells need to 
get closer to a solid surface from the bulk flow region, so that other interactions and 
adhesion can occur. In order to gain a better understanding of bacterial attachment to 
charged substrates in flow based systems, systematic studies of capture and 
immobilization of bacterial cells on a surface is essential. 
In the past, many researchers have used flow based systems to study bacterial 
adhesion to surfaces in micro-scale devices by applying external voltages. These include 
parallel plate and stagnation point flow chambers, rotating disk systems and cylindrical 
channels [93-98]. Design of such systems requires careful consideration of the time 
scales involved in fluid and particle motion. These systems often neglect various 
electrochemistry effects that arise due to the presence of electric fields. Quantification of 
adhesion in these systems was primarily based on microscopy, which requires an 
efficient particle tracking algorithm [99]. In-situ quantification methods are often more 
reliable than indirect methods that involve removing the substrate from the flow 
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chamber following capture, washing off cells that did not adhere to the electrode, and 
counting the captured cells under a microscope. One of the main advantages of in-situ 
microscopy analysis is that adhesion and desorption characteristics of bacterial cells can 
be studied as a function of flow parameters in detail. 
In this section, in-situ quantification of microbial capture was studied by 
applying pressure driven flow in a parallel plate microfluidic chamber with an external 
potential difference. The objective of this study was to analyze the effect of electric field 
and applied flow rate on cell capture using image analysis by particle tracking. The 
effect of flow on capture was delineated by studying the capture trends at different 
locations on the electrode surface with respect to flow velocity and wall shear stress 
contours generated from CFD simulations. During the capture experiments, electric 
currents due to Faradaic processes were also monitored to predict the apparent electric 
field in the bulk fluid that is responsible for electrophoresis of bacterial cells in the 
system. 
BACTERIAL STRAIN AND MEDIA 
Salmonella Newport, with an inlet concentration of ~ 106 CFU/mL (CFU: 
Colony forming units) was utilized for the capture experiments. The cells were initially 
grown at 37ºC in unamended Luria-Bertani (LB) broth. Following this, the cells were 
centrifuged (3300 × g) and washed three times using 10 mL of filter sterilized water. The 
washed cells were then resuspended in 40 mL of fresh buffer for experimentation. The 
cells were quantified by plate counts and the inlet concentration of cells was between 
3.0×106 and 5.0×106 CFU/mL during every experiment. The cells were tested in the 
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microfluidic device within 4-6 hours of preparation. Potassium phosphate buffer, with a 
pH of 5.5 and ionic strength of 1 mM was used as the suspending medium. The cells 
were tagged with BacLightTM Bacterial Viability Kits (Invitrogen) during culturing, 
which enables them to fluoresce when illuminated with UV light of appropriate 
wavelength. 
MICROFLUIDIC DEVICE FABRICATION 
The microfluidic device used for the capture studies was fabricated using 
standard photolithography techniques. The electrodes were patterned on a 75 × 50 mm 
glass slide. Prior to patterning, holes were drilled on the slide (anode only), for inlet and 
outlet tubing connections (Figure 11a). Following this, positive photoresist (SC1805) 
was patterned on the slide using an appropriate UV mask (1 µm thickness) using spin 
coating, followed by exposure to UV light with a mask aligner. After development, a 
glass slide with the photoresist pattern (as shown in Figure 11b) was produced. This 
photoresist patterned slide was then exposed to a plasma etcher for 10 seconds, to 
remove any additional layer of photoresist that was not removed during the development 
process. Finally, a 5 nm layer of chromium, followed by a 15 nm layer of gold was 
deposited on the patterned slide. Rinsing the patterned slide with acetone in a sonicator 
removes the photoresist. Patterned gold electrodes that were used as the microchannel 
walls are schematically shown in Figure 11c. Both the top and bottom electrodes were 
patterned using the same procedure. Gold was used as the electrode material since it has 
an oxidation potential higher than the potentials used in this study (1.0 V and 1.25 V). In 
addition, gold is a noble metal and it is biocompatible.  
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he spacing between electrodes was created using a PDMS spacer. The spacer 
was fa
 
Spin coat 
photoresist and 
expose to mask 
Gold deposition 
followed by lift 
off to remove 
photoresist 
(a) 
Cure PDMS in 
mold for 24 h 
(b) (c) 
(e) (d) 
Figure 11: Schematics of device fabrication (a) Plain glass slide with holes, (b) 
Photoresist patterned glass slide, (c) Gold patterned electrode, (d) CNC mold from
plexiglass, (e) PDMS spacer after peel off. 
 
T
bricated by curing equal parts of PDMS resin and curing agent in a CNC 
machined plexiglass mold of desired shape for 24 hours, followed by peeling off the 
dried PDMS (Figures 11d and 11e). The shape of the channel ensures that flow in the 
channel develops gradually. Both the PDMS spacer and patterned gold electrodes were 
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exposed to plasma oxygen gas in a plasma etcher. This activates functional chemical 
groups on the surface of the spacer and electrode. Following this, the spacer was 
sandwiched between the electrodes and the system was kept under clamps for 30 
minutes to ensure good sealing. Figure 12 shows the assembled microfluidic device that 
was used for microscopy experiments. Two different channel heights (150 and 450 µm) 
were tested in this study creating external electric fields of 2.78 and 8.34 V/mm, 
respectively. The length (L) and width (W) of the channel were 62.30 and 35.60 mm, 
respectively. 
 
 
 
X 
Y 
Z 
Figure 12: Assembled microfluidic device. 
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MICROFLUIDIC DEVICE DESIGN AND PRINCIPLE OF OPERATION 
Pressure driven flow is applied through the channel to maintain the flow, while a 
constant potential difference between the electrodes creates a uniform electric field (E). 
The assumption of uniform electric field is a simplification, which neglects the effects of 
ion distribution and Faradaic reactions at the electrode-electrolyte interfaces. Using the 
simplified model, the constant electrophoretic velocity (VEP) with which negatively 
charged particles travel towards the anode can be represented as 
EV EPEP µ= ,                  (20) 
where µEP is the electrophoretic mobility of microorganisms. We reported 
electrophoretic mobility and zeta potential measurements of different bacterial cells 
suspended in water in Tables 5 and 6. We utilized the smallest electrophoretic mobility 
(-0.31 µm-cm/V-sec) in this study for the microchannel design. This ensures that even 
the slowest moving microorganisms are captured before they leave the channel. 
Two time scales of particle motion are essential for device design. These include 
the time required for particle migration towards the anode (tM), which can be predicted 
as  
                           
EP
M V
ht = ,                                         (21) 
and the particle residence time (tR) in the channel, which can be predicted as  
                        
AVE
R V
Lt = ,                  (22) 
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where h is the height of the channel and VAVE is the channel average fluid velocity. For 
pressure driven flows, the maximum flow velocity happens in the middle of the channel, 
and its magnitude is 1.5 VAVE. Therefore, tM/tR << 1 is a critical design constraint in 
selection of the channel dimensions and the flow rate. Electric field experienced by 
particles in the bulk fluid is the critical parameter that dictates particle motion towards 
the anode. As stated earlier, the assumption of uniform electric field is invalid in real 
systems. At high applied potentials, charge separation due to ion redistribution and 
electrochemical reactions due to Faradaic processes influence the bulk electric field 
experienced by the particles in solution in a non-trivial way. Predicting the apparent 
electric field in the bulk fluid is critical to calculate the time scales for particle migration 
accurately based on equations (20) and (21). This could be done by monitoring electric 
currents in the device as a function of time. In the following section, we present current 
measurements performed in the microfluidic channel, at no flow, and two different 
volumetric flow rate conditions (2 and 6 mL/hr) under an applied potential difference of 
1.25 V. Based on these measurements, the apparent electric field in the bulk solution, 
and hence, the time scales for particle motion were calculated.  
 APPARENT ELECTRIC FIELD IN MICROCHANNEL 
Steady electrokinetic flows in microfluidic devices require sustaining steady 
electric current in the system. For small applied potentials (≤ 25 mV), electrochemical 
reactions at the electrode-electrolyte interfaces can be neglected. Under such conditions, 
electrodes are considered to be ideally blocking (or ideally polarizable). In such a system, 
when an external potential difference is applied across the two electrodes, the electric 
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double layers (EDL) at the electrode-electrolyte interfaces get charged. This is a non-
Faradaic process, which results in charge separation of the ionic species, setting up a 
counter electric field (EC) opposing the external field (E). The apparent electric field 
(EAPP=E - EC) experienced by the charged species is the critical parameter that dictates 
particle electrophoresis towards anode, and sets up a non-Faradaic current in absence of 
electrochemical reactions. After a certain time, the counter field eventually balances the 
external field. There will be no electrophoresis in the system beyond this time scale. 
Dynamics of this idealized behavior was described by Bazant et al. [100].  
In microfluidic systems with electrokinetic actuation, applied potentials are 
usually much larger than 25 mV. Since we utilized potential differences of 1.0 and 1.25 
V in our study, the idealized behavior explained above breaks down. At these potentials, 
steady electrokinetic flow is maintained by electrochemical reactions that occur on 
electrode surfaces, which sustains the current and electric field despite the charge 
separation. The resulting electric field will depend on the electrochemistry and applied 
potential in a non-trivial way. These types of processes are termed as Faradaic processes, 
which are associated with electron transfer across the interface leading to reduction or 
oxidation of species present at the interface. The Faradaic currents due to these processes 
are proportional to the overall reaction rate, which must be determined experimentally.  
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In this section, we present current measurements in the microchannel, based on 
which the apparent electric field in the bulk solution and hence, the particle migration 
time scales were estimated.  
Current Measurements 
In a non flowing system, Faradaic reactions would establish bulk concentration 
gradients over a long time scale. However, convective effects will eliminate these 
transients and stabilize the electric current due to continuous supply of fresh buffer 
solution and washing out of the reaction products at a constant rate [101]. This is 
demonstrated in Figure 13, where we present time variation of electric current in the 
microfluidic channel (L=62.30 mm, W=35.60 mm, h=150 µm). A 1 mM phosphate buffer 
at pH=5.5 with and without a pressure driven flow was utilized, while imposing 1.25 V 
potential difference between the two electrodes (8.34 V/mm). Variation of current as a 
function of time is presented at no flow and two different flow rates (0, 2 and 6 mL/hr). 
Current was monitored using a digital multimeter and measurements were recorded 
every 15 seconds until a steady state was reached.  
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Figure 13: Time variation of electric current of 1 mM phosphate buffer solution 
(pH=5.5) in the microfluidic channel at 8.33 V/mm, under no-flow and various 
flowrates. 
 
 
After initial transients experienced by all three cases, the nonflowing system 
exhibits slow decay in electric current that is induced by gradual build up of bulk 
concentration gradients. Initially, the system behaves like an ideal capacitor, where the 
current drops exponentially from its maximum value, with a response time equivalent to 
the double layer charging time-scale. The response time for such systems has been 
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predicted to be on the order of λDL/D [100], where λD is the EDL thickness, L is the 
electrode separation and D is the diffusivity of the ions in the buffer. For our 
experiments, typical values of λD, L and D are 10 nm, 150 µm and 10-5 cm2/sec 
respectively. This results in a response time of the order of milliseconds. At the range of 
potentials applied in this study, the electrodes do not behave as ideally polarizable or 
ideally blocking electrodes. Electrochemical reactions occur at the electrode-electrolyte 
interface, giving rise to charge transfer reactions (oxidation at cathode and reduction at 
anode). These charge transfer reactions enable us to sustain a Faradaic current in the 
system. Hence, the current in our system reaches a steady value and then drops at a very 
slow rate after the initial capacitive charging.  
With flow in the system, the current follows the initial capacitive charging 
transient behavior. After this however, the current has a finite value (~45 and 55 µA for 
2 and 6 mL/hr) and it remains steady at this value for a long time (hours). We attribute 
this behavior to the convective effects due to the external pressure driven flow. Flow 
maintains a constant supply of ions in the system which enables the device to overcome 
charge separation, and it still maintains a steady electric current that is responsible for 
electrophoretic transport of charged species in the device. The external flow induces 
concentration boundary layers due to polarization along the electrode-electrolyte 
interface in the channel. Hence, delineating the apparent electric field in the channel 
requires detailed local information on ion concentrations, which vary with position.  
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FLOW MODELING 
Modeling of fluid flow in the channel is essential to predict the different time 
scales involved in fluid and species transport in the channel due to external flow. Based 
on the microchannel design, the inlet and outlet were at the top of the channel (Figure 
12). Hence, the pressure driven flow results in injection of fluid at the inlet and suction 
of the same fluid at the outlet of the channel, resulting in Hele-Shaw type flow patterns 
[102]. This type of flow is two-dimensional with X and Y components of the velocity 
varying parabolically in the Z direction.  Flow field simulations were performed using a 
commercial CFD code (Fluent) with second order spatial accuracy to predict the velocity 
and streamline patterns in the channel. Steady state Navier Stokes equations were solved 
subject to no-slip boundary conditions on the walls. A tetrahedral unstructured mesh, 
with 95,000 elements was generated using the Gambit software [103]. 
 Figures 14a, 14b and 14c present normalized streamwise velocity contours at 
various Y-Z, X-Z and X-Y planes, respectively with an inlet flow rate of 6 mL/hr and 150 
µm spacing between the electrodes. The X, Y and Z axes were non-dimensionalized 
using the height of the channel (150 µm). The velocity was non-dimensionalized using 
the average velocity near the inlet of the channel (74.13 µm/second).   
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(a) 
 
(b) 
 
(c) 
Figure 14: Numerical results of normalized streamwise velocity contours at various (a) X-Z, 
(b) Y-Z and (c) X-Y planes. Length scales are normalized using h=150 µm and the velocity 
is normalized using the inlet velocity=74.13 µm/s. 
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Figures 14a and 14b show that the velocity profile is symmetric about the Y-Z 
and X-Z planes at the center of the channel. Based on Figure 5c, it can be seen that the X-
component of the velocity is independent of the X and Y coordinates of the channel. 
Hence the flow in the channel is fully developed and the fluid has a parabolic velocity 
profile along the Z direction, with maximum velocity at the center of the channel, as 
predicted by Hele-Shaw flow equations [102]. Y-component of the velocity shows 
similar trends (data not included).  Figure 15 presents the streamline patterns at center 
plane of the channel. Based on this figure, it can be seen that the flow in the channel is 
two dimensional.  
 
 
Figure 15: Numerically predicted streamline patterns along the center of the 
channel. 
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Figure 16 presents the shear stress contours on the channel top wall (in mN/m2). 
Wall shear stress is important to quantify the amount of shear force acting on bacterial 
cells attached to the anode. Since shear force is responsible for the release of captured 
cells, it is critical to analyze capture at different locations on the electrode surface as a 
function of shear stress at these locations.  
 
 
 
Figure 16: Numerically predicted shear stress contours on the anode. 
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Based on Figure 16, 20 different locations on the electrode surface with various 
shear stress values were identified. Capture at these locations was analyzed by sampling 
images at the top electrode surface at each location as a function of time, followed by 
image processing. In the next section, we describe the procedure utilized for particle 
tracking and image processing to analyze capture as a function of time. 
EXPERIMENTAL SETUP AND DATA ANALYSIS 
The assembled microfluidic device shown in Figure 12 was imaged using an 
Olympus BX61 epifluorescence microscope. Using an external power supply, a potential 
difference was applied between the two electrodes, with the top electrode surface having 
a positive charge and the bottom electrode having a negative charge. Since the bacterial 
cells have a net negative surface charge, capture occurs on the top plate. The specific 
gravity of the bacterial cell used in this study was greater than 1. This ensures that 
capture occurring on the top plate overcomes the gravitational effects. A syringe pump 
was utilized to pump bacterial cells suspended in phosphate buffer (1 mM, pH=5.5) into 
the device at constant flow rates of 2 and 6 mL/hr. Two different channel heights (150 
and 450 µm) were tested in this study creating external electric fields of 2.78 and 8.34 
V/mm, respectively. Each set of experiments were repeated three times to ensure 
repeatability of experiments and data quality. Based on Figure 16, 20 different locations 
on the electrode surface with various shear stress values were identified. Capture at these 
locations was analyzed sequentially by sampling images at every location as a function 
of time. Figure 17 shows a schematic of the locations at which images were taken. 
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Figure 17: Image sampling locations on the anode. 
 
 
 
Imaging Procedure and Image Processing 
Images were collected using a 10X objective focused on the top electrode. The 
field of view based on the objective magnification was 660×660 µm (1024×1024 pixels). 
Images were sampled at every location shown in Figure 8 sequentially, starting from 
location number 1. Two images were collected within 10 seconds of each other at every 
location, before moving to the next. This is a necessity due to the large surface area of 
the anode, and the magnification requirements utilized to observe bacterial cells. The 
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captured cells were identified by comparing the centroid location of each cell between 
the two images. This procedure was repeated every 10 minutes during the course of the 
experiment for one hour. Sequentially sweeping 20 different locations shown in Figure 
17 require approximately 380 seconds, inducing time variance in the capture data that 
will be presented in the next section.  
The images were processed using Image-J software [104]. Successive snapshots 
that were within 10 seconds of each other were analyzed to compare the centroid 
location of each cell between the two successive images. The average size of Salmonella 
cells were reported in Table 9 as 1.9 µm (2.94 pixels). The bacterial cells were assumed 
to be captured, if the centroid movement between successive images was less than two 
bacterial lengths (~6 pixels). This is a reasonable assumption since the cells move past 
the field of view with an average velocity of approximately 200 pixels/s at 6 mL/hr flow 
rate.  
Protocol for Plating Quantification 
Three different dilutions of each sample collected from the outlet of the 
microfluidic device were prepared in phosphate buffer. Ten (10 µL) of sample mixed 
with 90 µL of phosphate buffer were plated on Luria-Bertani (LB) agar and incubated 
for 16-18 hrs at 37 ºC prior to enumeration.  The colonies were counted and averaged to 
quantify the concentration of cells in the original sample and results were expressed as 
CFU/mL. 
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RESULTS OF CAPTURE EXPERIMENTS 
Figure 18 shows snapshots of the top electrode surface, after flowing Salmonella 
cells for one hour at a flow rate of 6 mL/hr, without (a) and with (b) applying an electric 
field, respectively.  
 
1024 pixels = 660 microns 
1024
pixels=
660
m
icrons
1024 pixels = 660 microns 
1024
pixels=
660
m
icrons
(b) (a) 
 
Figure 18: Bacterial cell distribution on the anode without (a) and with (b) and 
externally applied electric field of 8.34 V/mm at 6 mL/hr flowrate obtained within 
an hour of operation. 
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Without an electric field, the bacterial cells do not experience any electrophoretic 
motion. Hence, as evidenced in Figure 18a, there is no cell capture on the anode since 
the cell-surface interaction forces are not strong enough to overcome the wall shear 
stress due to external flow. Without an externally applied positive charge, both the gold 
electrode and bacterial surface have inherent negative zeta potential, resulting in 
repulsive electrostatic cell-surface interactions. This prevents immobilization of cells on 
the anode. However, when an external potential difference is applied in the channel, 
significant capture is seen on the anode. In Figure 18b uncaptured cells that flow past the 
field of view are observed as large streaks.  
Figure 19 presents the number of captured cells per field of view (660 × 660 µm) 
at various locations sampled on the electrode surface as a function of time at 6 mL/hr 
flow rate and 1.25 V potential drop. Each location is labeled using a different 
color/symbol combination to differentiate the capture trends at various locations. 
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Figure 19: Number of captured cells per interrogation area, sequentially obtained 
at 20 different locations on the device at 6 mL/hr flow rate and 8.34 V/mm electric 
field. 
 
 
Sequential sweeping of every location results in time variance in capture data. 
Bacterial capture varies on the electrode based on the shear stress at a particular location. 
Even though the velocity contours presented in Figure 14 show symmetry in flow 
patterns about the center of the channel, capture trends at symmetric locations do not 
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show similarities at every location. Immobilization of cells and hence capture is 
dependent on various cell-surface interaction forces. Of these interactions, van der Waals 
and electrostatic interaction forces do not change with location on the electrode surface. 
However, the hydrophobic and steric interaction forces depend on wettability and 
surface roughness, which may vary at different locations on the electrode [105]. In 
addition to cell movement due to pressure driven flow in the channel, presence of 
flagella in Salmonella Newport causes differential cell motility at different locations in 
the channel. Hence, variable capture trends are observed at different locations on the 
electrode.  
Capture data presented in Figure 19 was averaged over all imaged locations to 
obtain an estimate of mean capture on the top electrode surface as a function of time. 
Figure 20 presents the average number of cells per field of view captured on the 
electrode surface as a function of time for two different electric fields (E=2.78 V/mm and 
8.34 V/mm) at 6 mL/hr flow rate.  
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Figure 20: Time dependence of capture (average number of captured cells per field 
of view) at various electric fields and 6 mL/hr flow rate. Each data point has 380 s 
variation in time, induced by the experimental protocol. 
 
 
 
The P values associated with capture data comparisons (based on paired-t tests) 
between different applied electric fields are presented in Table 18.  
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Table 18: P-values for comparison of capture data between different experimental 
treatments (A P value < 0.05 represents significant difference based on paired t-
test). 
Time of Capture 
Experimental Treatment 10  
mins 
20  
mins 
30  
mins 
40  
mins 
50  
mins 
Electric field variation 0.009* 0.000* 0.001* 0.001* 0.01* 
Flow rate variation 0.441 0.701 0.172 0.269 0.267 
Shear stress variation at 2.78 V/mm 0.114 0.369 0.254 0.982 0.659 
Shear stress variation at 8.34 V/mm 0.126 0.050* 0.268 0.824 0.700 
 
 
 
Sequential sweeping through 20 different locations takes 380 seconds, which 
induces time variance in the abscissa that is omitted from the figure for clarity. The 
ordinate error bars represent the uncertainty in capture across different locations, which 
were calculated as the standard error (SE=
N
σ ) of the raw data presented in Figure 19, 
where σ is the standard deviation of capture and N is the number of locations at which 
images were sampled. The uncertainty in capture is between 5-10% at all times. It can be 
seen from this figure that average number of captures cells increases approximately 
linearly with time for both electric field conditions, and the capture is significantly 
higher at higher electric fields. 
 
 88
The constant capture rates presented in Figure 20 were validated by performing 
indirect quantification studies using culture based methods. In a separate experiment, 
with an external potential difference applied in the channel (1.25 V), cells at the outlet of  
 
 
Figure 21: Quantification of capture in the device based on plating at 2 mL/hr flow 
rate and 8.33 V/mm potential difference. 
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the microfluidic device were collected at 2 mL/hr external flow rate. Capture in the 
device was quantified indirectly by comparison of inlet and outlet cell concentrations 
(CFU/mL) based on plating. Figure 21 presents the number of cells captured per unit 
volume of sample (CFU/mL) collected at the device outlet as a function of time based on 
plating at 2 mL/hr flow rate and 1.25 V potential drop. 
The error bars in the data correspond to standard error in capture based on three 
repetitions. It is critical to note that capture based on microscopy was quantified per unit 
area of the electrode (CFU/cm2), whereas capture based on plating was quantified per 
unit volume of the microfluidic device (CFU/cm3). Hence, the actual values itself cannot 
be compared. However, it can be seen from Figures 20 and 21 that both microscopy and 
plating predict linear trends in capture with similar cell accumulation rates.  
Figure 22 presents the variation in average number of cells per field of view, 
captured on the electrode as a function of time at two different external flow rates (2 and 
6 mL/hr) under a fixed electric field of 2.78 V/mm.  
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Figure 22: Time dependence of capture at various flowrates and fixed electric field 
of 2.78 V/mm. Each data point has 380 s variation in time, induced by the 
experimental protocol. 
 
 
 
The P values comparing significant differences in capture between different flow 
rates are shown in Table 18. The ordinate error bars represent uncertainty in capture data 
across different locations. Figure 22 shows slightly higher capture at 6 mL/hr flow rate 
compared to the capture at 2 mL/hr flow rate. Based on the current measurements, it was 
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shown in Figure 4 that higher flowrates resulted in larger steady electric currents. This 
may induce slightly larger electrophoresis/electrostatic interactions at higher flowrates, 
resulting in increased capture.  
Bacterial cells experience higher shear force at higher flowrates. This is expected 
to prevent their adhesion to the electrode surface. Hence, it is critical to quantify capture 
in the single channel device as a function of shear stress on channel walls. In order to do 
this, locations with similar shear stress values were picked from Figure 17 and capture at 
these locations was averaged. Based on Figure 16, locations 1, 3, 4, 6, 16, 18, 19 and 20 
were identified as low shear stress areas, with an average shear stress value of 0.62 
mN/m2. Similarly, locations 2, 5, 7, 8, 9, 10, 11, 12, 13, 14, 15 and 17 were identified as 
high shear stress areas, with an average shear stress value of 1.55 mN/m2. Figure 23 
presents the variation in average capture as a function of time at locations with average 
shear stress of 0.62 and 1.55 mN/m2 under 2.78 and 8.34 V/mm electric field. The P 
values comparing significant differences in capture between different shear stress 
locations are presented in Table 1. Error bars in the figure represent the uncertainty in 
capture across different locations with similar shear stress values.  
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Figure 23: Time dependence of capture as a function of shear stress at two different 
electric fields and 6 mL/hr flowrate. Each data point has 380 s variation in time, 
induced by the experimental protocol. 
 
 
At both electric fields, capture is higher at lower wall shear stress (0.62 mN/m2) 
locations. However, as evidenced from the variance values, variations in the wall shear 
stress were not significant enough to observe drastically different capture at various 
locations on the electrode. In order to do this, the channel design needs to be modified to 
induce considerably higher variations in wall shear stress. Since the device design is 
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based on standard photolithographic techniques, other electrode patterns and channel 
designs could easily be fabricated by just using a different mask. 
DISCUSSIONS 
We demonstrated capture of bacterial cells suspended in phosphate buffer in a 
microfluidic device utilizing particle tracking with a fluorescent microscope followed by 
image processing. Constant cell accumulation rate was observed at both 2 and 6 mL/hr 
external flow rate with an applied potential difference of 1.0 and 1.25 V. Capture in the 
system was analyzed as a function of wall shear stress, which enabled us to identify high 
and low capture sites on the electrode. Sampling images at multiple locations on the 
electrode surface enabled us to delineate capture over the entire electrode area and 
identify variable capture trends at different locations on the surface.  
Cell migration towards the oppositely charged electrode occurs by 
electrophoresis, which is dictated by the apparent electric field experienced by the 
particles in bulk solution. The apparent electric field at different flow rates was predicted 
indirectly by monitoring electric currents in the system. Detailed knowledge of the 
electrochemical reactions that are responsible for Faradaic currents in the buffer solution 
is essential to maximize electrophoresis in the system and to optimize device 
performance. For example, in this study, we utilized a phosphate buffer (pH=5.5, ionic 
strength=1 mM) to perform our capture experiments. The effect of buffer pH on the 
current is propagated through the concentration of H+ and OH- ions in the system. 
Hydrogen ions have a tendency to get reduced by accepting an electron, whereas 
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hydroxyl ions have a tendency to get oxidized by losing electrons. The rates of these 
reactions influence the Faradaic currents in the system, in a non-trivial way.  
The electrochemical reactions that happen in our system are described as follows. 
Since we used a phosphate buffer to perform our experiments, the ions in our buffer are 
H+, K+, and PO43- respectively. The H+ and K+ ions have a tendency to accept electrons 
from the electrode and undergo reduction reactions at the anode, which are represented 
as [106] 
K+ + e- → K 
2H2O + 2e- → H2 + 2 OH- (solvent) 
2H+ + 2e- → H2 (reference electrode) 
Standard potentials for the above reactions are -2.92 V, -0.83 V and 0.00 V, respectively. 
The PO43- ions hydrolyze in water to generate OH- ions which then have a tendency to 
undergo oxidation at the cathode. These reactions are represented as 
PO43-+ H2O <==> HPO42- + OH-
4OH- → 2H2O + O2 + 4e-
Standard potential for the above reaction is -0.40 V. All the standard potentials in the 
reduction and oxidation reactions are the potentials at which complete reactions (as 
shown above) would take place. At lower potentials, these reactions may occur at 
smaller rates, generating Faradaic currents in the system even at lower potentials. 
Electric currents due to these reactions can be calculated from the rate constants, which 
must be determined experimentally [107]. 
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The Faradaic processes due to the electrochemical reactions in our system can be 
described using the Cottrell equation [108] that explains the current transients in the 
system. Without flow in the system, the current can be represented as 
         2/12/1
2/1
)(
t
CnFADtI iiπ=                                                  (23) 
where t is the time, n is the number of moles of electrons transferred in the 
electrochemical reaction, F is the Faradays constant, A is the electrode surface area and 
Di and Ci are diffusion coefficient and concentration of ions, respectively. From equation 
(23), it can be seen that the main parameter that dictates the amount of Faradaic currents 
in the system is the number of moles of electrons transferred in the electrochemical 
reactions. This depends on the difference between the applied potential and the standard 
potentials of the ion oxidation and reduction reactions in the system. In flow based 
systems, this equation has to be modified to account for convection of ions. In this case, 
charge separation due to polarization can create concentration boundary layers along the 
electrode-electrolyte interface, which will vary with position. Modeling of this behavior 
requires detailed local information on Faradaic processes, and is not attempted in this 
study. 
Capture results obtained in a single microchannel constitute the proof of concept 
for pathogen concentration in micro-scale devices. For such applications, an integrated 
serial microfluidic system could be used for species capture. Efficient capture of 
bacterial species in a single channel at large flow rates is critical to develop miniaturized 
systems that can sample large volumes. Capturing particles within shorter times can be 
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achieved by reducing the particle migration time to the anode. This would reduce the 
channel wetted volume by reducing the channel length, and/or increase sampling 
flowrate while still satisfying the tM<tR design constraint. Smaller migration times can be 
achieved by decreasing the electrode spacing (h) and/or by increasing the apparent 
electric field in the bulk solution.  
CONCLUSIONS OF IN-SITU QUANTIFICATION 
We presented a microfluidic approach for continuous capture of bacterial cells 
suspended in phosphate buffer by applying external electric fields. The effect of flow 
rate, applied electric field, and wall shear stress on cell capture in the device was 
analyzed using particle tracking via fluorescent microscopy techniques. Analyzing 
capture across multiple locations on the electrode surface enabled estimation of average 
capture over the entire electrode area as a function of time. The device exhibits 
approximately linear increase in the number of average captured cells by time, which is 
an indication of constant cell capture rate. This was verified independently using the cell 
culture methods. We observed strong variations in the capture rate as a function of the 
externally applied electric field. However, capture rate dependence on the flowrate and 
capture rate at various locations with different the wall shear stress values did not result 
in statistically significant results. Furthermore, electrochemical reactions due to Faradaic 
processes play a crucial role on electrophoresis of bacterial cells towards the anode, and 
in adhesion of cells on to the surfaces. Presence of convective effects due to pressure 
driven flow further complicates analysis and optimization of cell capture in the device. 
Despite these caveats, capture trends presented in this study can be utilized for designing 
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microfluidic systems for biosensors, designed bacterial bio-films, and devices for 
bacterial sample concentration from large volumes.  
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CONCLUSIONS 
We have developed a generic prototype microfluidic device to capture and 
concentrate various microorganisms from water. The device capture efficiency was 
quantified by plating and real-time PCR and the capture trends were also validated using 
fluorescent microscopy experiments. Based on the results presented, the device design 
can be modified to optimize performance, and to deliver higher concentration factors 
within shorter time intervals. The electrochemistry associated with DC electric fields in 
micro-scale devices was also presented. Further investigation of flow systems, by 
solving the Nernst Planck equation with convective effects is required, to better predict 
the time scales of current transients in the system. 
The proposed device is capable of concentrating most negatively charged 
microbial contaminants. It can work either as a filter (capture unit) or it can be used as a 
sample concentration device for enhancing detection capabilities. Low power and small 
wetted volume of the device would enable development of portable units. Since the 
device design and fabrication are based on standard photolithographic techniques, it is 
extremely cost effective to batch fabricate multiple microchannels at one time to scale-
up the device to sample large volumes. Continuous sampling of water without chemical 
additives enables utilization of the device upstream of potable use. Hence the device can 
work either as a filtration unit or as a sample concentrator that enhances capabilities of 
real-time detection technologies. Once completed, this device based on its design and 
application can be placed within distribution lines at critical junctions, at dead-end spots 
or at points-of-use for routine monitoring or in response to specific water quality threats.  
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